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[1] Introduction
1.1) BACKGROUND INFORMATION
1.1.a) Fluorescence microscopy in biological systems. Biological systems
contain mechanisms shrouded by extraordinary complexity. Understanding more about
such mechanisms can allow us to better interpret the structure and function of the
components involved, which could potentially lead to cures for diseases by unlocking
details of how physiological systems behave1-2. Many techniques have been developed to
study biological systems. For example, fluorescence microscopy allows us to view cells
and subcellular organelles with high resolution.3-9 One application for fluorescence
microscopy is the study of how membrane receptors interact with ligands that induce or
inhibit their function10-13. Ion channels that reside on the cellular membrane dictate the
flow of ions and other macromolecules by acting as the locks to the doors of the cell.
Once unlocked, these doors open to selectively pass material from one side of the cellular
membrane to another, usually triggering additional signaling events.
Microscope-based fluorescence imaging techniques that focus on the plasma
membrane of cells aim to better understand biological events that control the passage of
ions across the cellular membrane. Fluorescence-based studies of ligand-receptor
interactions require the use of fluorescent tags that increase the visibility of labeled
biomolecules14. Fluorescent labels can be used to observe enzyme-substrate
interactions15, monitor diffusion events16-17, or determine stoichiometric changes of
oligomeric receptors on a cellular membrane18-20. However, there are many challenges
associated with the application of fluorescence microscopy in biological systems. For
instance, most fluorophores emit low levels of light, quickly photobleach, and exhibit
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poor photophysical properties such as fluorescence blinking21-23. Many subcellular
organelles also exhibit autofluorescence from biomolecules inherent to these systems24-25.
This complicates measurements because fluorescence emission is generally weaker than
the excitation light by several orders of magnitude, and poor absorption (extinction
coefficient) and emission (quantum yields) of many organic fluorophores and fluorescent
proteins limit their cycling efficiency. Also, studies generally require several
fluorophores to gain a sufficient signal, and most fluorophores have a relatively small
stokes shift that results in some overlap between the absorption and emission spectra.
This requires the use of emission filters that selectively pass the desired light, which
further reduces the number of detected photons as these optical components are not 100%
efficient. Thus, the imaging of cellular systems is complicated by a reduced signal-tonoise ratio of the fluorescent marker of interest, which requires either more fluorescent
molecules in the area of interest or those which have a much greater efficiency.
1.1.b) Ensemble studies. Techniques that gather information from multiple
fluorophores at the same time are known as ensemble/bulk measurements, and have
proven to be powerful tools for live-cell experiments. Such studies allow for imaging the
up or down regulation of membrane receptors over time26-28, confirmation of transfection
efficiencies into a cell29-31, ion flow across the plasma membrane32-34, protein
trafficking35-36, and protein-protein interactions37-39. However, there is a fundamental
limitation when using ensemble measurements to study the dynamics of biological
systems. Most biological interactions are thought to be multi-step processes, meaning,
they have at least one intermediate step, and possibly multiple terminating steps. At any
given time, thousands of proteins in a cell populate many or all of these states
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simultaneously. Thus, ensemble fluorescence measurements sample across this entire
population producing a result that is the average of all of the ensemble of states. This
obscures information from individual states making it impossible to obtain information
about intermediate steps. While some techniques such as stop flow40-41 and pulse chase
measurements42-43 can be used to initiate events in unison, applications are extremely
limited. For the majority of biological systems ensemble measurements are hindered by
the inability to characterize biological mechanisms. For example, during ligand-receptor
binding events one pair may be at the very beginning of the binding stage, while another
is in the middle, and another is at the end. Consequently, the ensemble measurement
cannot take a step-wise interaction into account, and only obtains an average signal from
all interactions at different temporal points in the binding scheme.
1.1.c) Single molecule measurements. Although ensemble fluorescence
measurements offer valuable insight into the biochemical world, the study of single
interactions in live cells presents complementary information that is lost during ensemble
measurements44-50. Single molecule techniques which utilize fluorescent labels have
become exceedingly important to understanding the details of ligand binding kinetics50-52,
and conformational or stoichiometric changes to membrane receptors26, 44, 53-54. They have
been used as nanoscopic rulers to study structure or 55mutations on a protein56-60,
sequence single strands of DNA61-66, and have even been used to study vesicle fusion
with the plasma membrane of cells45. Simply put, single molecule biological imaging
techniques are a must-have if we want to answer some of biochemistry’s more difficult
questions. However, the issue remains that biocompatible organic fluorophores and
fluorescent proteins often have both low extinction coefficients, as well as quantum
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yields. In addition to issues with brightness, there are also issues with spatially separating
individual biological events44.
Many organic fluorophores and fluorescent proteins are used in biological
imaging due to their biocompatibility, but several are too dim to ever be considered for
single molecule experiments (poor extinction coefficients and quantum yields). Others
exhibit fluorescence blinking which is a fluorescence intermittency that results from an
excited electron transitioning into a long lived state, such as a triplet state, that does not
lead to the fast emission of a photon21, 67-69. These states are typically referred to as dark
states, and are unfavorable because any time that the molecule is dark it is not emitting
photons, reducing the overall intensity. The triplet state also poses an additional issue
with molecular reactivity; when an electron crosses into a triplet state its spin is flipped
which causes it to become much more reactive and higher in energy than it would be in
the ground state. This leads to a higher probability that it will react with molecules of a
similar electron spin, like molecular oxygen. The new complex formed between the
fluorophore and molecular oxygen is non-fluorescent, which is why the word for such an
interaction is referred to as photobleaching, or bleaching; as soon as the interaction
occurs, the fluorophore is no longer visible.
Extensive efforts have been put into changing the structure of fluorophores to
increase their extinction coefficient and quantum yield70-74. Increases to the extinction
coefficient raises the likelihood of exciting an electron to an upper electronic level75, and
a larger quantum yield makes it more likely that a radiative decay pathway is the most
preferred route to the ground state75. The greatest issue with changing the structure of a
fluorophore is that, although a more efficient fluorescent molecule can be created,
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changes to these molecules often lead to a reduced biocompatibility making them more
difficult to conjugate to biomolecules of interest76. Large fluorescent molecules such as
quantum dots also pose problems as they may interfere with biological function or result
in toxicity76. One approach to improve the viability of fluorescence measurements is to
increase the number of photons that a fluorophore can emit before photobleaching.
Increased fluorescence intensities result in an improved signal-to-noise ratio, potentially
leading to the development of new imaging methods that would allow for the observation
of single biological events on faster time scales and with higher resolution. Manipulating
the fluorophore’s external environment with plasmonic devices is one way to achieve
this77-88.
1.2) METAL ENHANCED FLUORESCENCE
1.2.a) Basic excitation and emission processes. Fluorophore brightness, survival
time (how long the fluorescent molecule can sustain emitting photons), and fluorescence
blinking primarily depend on how well the emitter can absorb energy from an excitation
source and the probability that it will relax via a radiative pathway. The external
environment of a single fluorophore can affect the efficiency of both its absorption and
emission. For example, increases in intensity of an applied electromagnetic field can
increase the rate constant that an electron transitions from the ground state to an excited
state, while modifications to the ion content can make changes to the stability in
particular excited states and even induce fluorescence blinking.
A high extinction coefficient (absorption efficiency) is necessary in single
molecule fluorescence studies in order to distinguish the emission above the background
signal. As shown in a Jablonski diagram (Fig 1.1), an electron is normally promoted from
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the ground state (S0) to an excited state where it rapidly relaxes to the ground vibrational
level of the first excited state (S1). The population of photons (at the appropriate
frequency) interacting with a fluorophore dictates how often an electron is excited to an
upper electronic level, where radiative emission is possible. The likelihood that a
fluorophore will absorb energy from a population of photons is called the absorption
cross-section (σ), which originates from Beer’s Law (Equation 1.1) where A is molecular
absorbance, ε is the extinction coefficient,  is the pathlength, and c is the concentration.
(Equation 1.1)

A   c

The absorption cross-section is determined through the relationship between Avogadro’s
number (NA) and Equation 1.1. This equation can be rearranged such that σ depends on
the relationship between a molecule’s absorbance, concentration, and pathlength of light
(Equation 1.2).




NA



A
N A c

(Equation 1.2)

The rate constant of excitation for a fluorophore is dependent on its σ with the excitation
source intensity (Ip). The intensity of an excitation source (IP) is proportional to the
output power from the source (P) divided by its area (πr2), the relationship of which can
be seen in Equation 1.3.

IP 

2P
r 2

(Equation 1.3)

The rate constant of excitation for a fluorophore (kEX) is calculated through the product of
its absorption cross-section and the excitation intensity of the source, divided by the
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energy of the source (Equation 1.4). This rate constant dictates how quickly an electron
will be promoted back to the S1 state after relaxing down to the ground state. The more
intense the field of exciting photons, the higher the probability an electron can be excited
to the S1 state.
k EX 

I P
h

(Equation 1.4)

The radiative decay pathway (kF) competes with nonradiative pathways, such as direct
relaxation down to the ground state (kNR), or intersystem crossing (kISC) to a triplet state
(kT). Each time an excited electron relaxes back to the ground state through a
nonradiative decay pathway it fails to emit a photon, reducing the potential fluorescence
intensity. Even worse, intersystem crossing to a triplet state can sometimes last multiple
seconds and dramatically increase the probability of permanent photobleaching. The
fluorescence lifetime (τ) is the inverse sum of all of these rate constants which depopulate
the S1 state (Equation 1.5), and in order for a single fluorophore to emit photons with a
high enough efficiency (Equation 1.6), the kF must be much faster than all other decay
pathways. Maximum radiative decay efficiency, or quantum yield (QY), is achieved by
when all other rate constants are negligibly small in comparison.



1

(Equation 1.5)

k F  k NR  k ISC

QY  k F 

kF
k F  k NR  k ISC

(Equation 1.6)
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Figure 1.1 An electron is promoted from the ground state (S0) to the first excited state
(S1) by following the excitation pathway (blue arrow), and the rate constant at which
that occurs is called the rate constant of excitation (kEX). The electron quickly relaxes
from an upper vibrational level to the lowest vibrational level of the S1 state via
vibrational relaxation (gold arrow). The electron can then dispense of its excess energy
through three deexcitation pathways: 1) the fluorescence decay pathway (green arrow),
the rate constant of which is denoted by kF 2) the nonradiative decay pathway (red
arrow), which has a rate constant denoted by kNR and 3) the rate constant of intersystem
crossing (violet arrow) to a triplet state that eventually allows for energy dissipation via
the triplet decay pathway (cyan arrow), the rate constants of which are kISC and kT,
respectively.
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Fluorescence enhancement can be achieved by altering kEX of an electron to the
excited state, modifying the rate constants that depopulate the excited state (τ), and
changing the emission profile of the fluorophore. Metals of subwavelength dimensions
have shown the ability to enhance their exciting near-fields77-78, 80, and form local electric
fields which can be coupled into by an emitter for resonant energy transfer, much like the
dipole-dipole interaction of Forster resonance energy transfer (FRET)59-60, 89-91. These
interactions are known to depend strongly on metal composition92, geometry81, and the
distance between the emitter and the metal nanostructure77, 81, 93. Thorough
characterization studies are required to understand which combinations of these variables
will maximize the benefits between the excitation and emission pathways of a
fluorophore.
1.2.b) Excitation enhancement. Metal nanostructures (MNS) can manipulate the

external environment of a fluorophore to provide both excitation and emission
enhancement. Changes to a fluorophore’s rate constant of excitation occur due to
modifications of the local electric field surrounding the MNS77, 92, 94. Variations in the
electric field are a product of the interaction between the metal structure’s delocalized
valence electrons and light of the appropriate energy. The valence electrons of metals
move as a unified mass (Fig 1.2A), and when subjected to an exciting electromagnetic
(EM) field of the appropriate frequency, these electrons will start to oscillate back and
forth95. The mass of valence electrons moves against the phase of the EM field. For
example, if from 0  π the phase of the EM field is moving towards the right of a gold
nanoparticle, the electrons will oppose it by converging on the left (Fig 1.2B). As the EM
field changes from π  2π its phase will shift from right to left, causing the mass of
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valence electrons to populate the opposite side of the nanoparticle (Fig 1.2C). This
oscillation occurs at a very rapid rate, leading to a strong buildup of negative point
charges near the surface of the MNS. This oscillation effect causes a field sink for any
EM field in the vicinity since they tend to move away from the positive point sources and
converge on negative ones.
This means that if a fluorophore is in an area of high electron density, it will
experience a magnified excitation rate constant due to a more concentrated beam
intensity96. The benefits from this effect are two-fold: 1) Fluorophores are brighter than
they normally would be without excitation enhancement from an MNS. Even though this
causes the molecule to emit for shorter durations, the emission rate is much higher
(cnts/sec), making the fluorophore easier to distinguish from the background. 2) The
signal-to-noise ratio would be strongly increased in comparison to simply raising the
power of the excitation source, because in the case of MNS excitation enhancement, only
the areas in the local environment of the structure are magnified77.
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Figure 1.2 (A) Gold nanoparticle with delocalized valence electrons and positively
charged nuclei prior to exposure to EM field. (B) Red excitation is applied to the gold
nanoparticle, and the electrons move away from the exciting plane wave while the nuclei
want to move with it. (C) As the phase of the plane wave moves from left to right the
electrons and nuclei will also shift. (B,C) The electrons oscillate back and forth
(depending on the phase of the EM field) at high frequencies in an effect called a plasma
oscillation until the EM field is shut off.
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Excitation enhancement does not cause a fluorophore to emit a higher number of
photons in a more efficient manner, as it has no effect whatsoever on the fluorophore’s
QY. In fact, the same number of photons would be emitted because there is no change in
the ratio of kF to all other decay pathways. The rate constant that is enhanced in this case
is kEX, which limits any extra time that an electron would experience in S0 in the presence
of a weaker excitation source. This permits an electron to cycle through the
excitation/emission process at a faster rate constant, making it appear brighter77, 94, 97. The
downside to this form of enhancement alone, is that it is certain to shorten a single
fluorophore’s survival time. As none of the rate constants of de-excitation are affected the
time that it should take for the fluorophore to couple into a triplet state and subsequently
photobleach is also much faster. The enhancement of kEX is inversely proportional to the
new survival time of the fluorophore.
The difference between increasing the kEX in this manner as opposed to simply
adjusting the laser intensity that strikes the sample is illustrated in the cartoon of figure
1.3. The red emitter on the left is not in the vicinity of a MNS, so when a red excitation
source of 10 W/cm2 interacts with it, the emitter (and the area surrounding it) will
experience 10 W/cm2. In the same way, if the intensity of the excitation source is
increased 10-100 times, the emitter (and the surrounding area) will experience an
intensity of 100-1,000 W/cm2. This means that the fluorophore and the fluorescence
background in the surrounding area will both experience the increased intensity. The red
emitter in figure 1.3 that is near a gold nanoparticle has a different experience. Excitation
enhancement causes the EM field intensity to increase 25-fold in close proximity to the
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nanoparticle. It does not cause the entire surrounding area to experience a 25-fold
increase. Although not drawn to scale, the cartoon in figure 1.3 illustrates a point that the
enhancement effect decays exponentially with increasing distance from a MNS. So while
a wide-field fluorescence technique may capture light from 10’s-100’s of µm in diameter,
the local enhancement effects of MNSs are only felt ~1-10’s of nm away from the metal
surface94-95. In the case of MNS enhanced excitation, the ratio of increased emitter kEX to
increased fluorescence background kEX is dramatically higher than by simply raising the
intensity of the excitation source.
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Figure 1.3 The entire red shaded glass surface is being excited by a 10 W/cm2 EM field,
but the colored areas near the gold nanoparticles gradually feel stronger effects from the
high electron density; the outermost area (blue) feels a 5-fold increase in intensity, the
outer-mid region (green) feels a 25-fold increase in intensity, the inner-mid region
(orange) feels a 125-fold increase in intensity, and the inner-most region (red) feels a
625-fold enhancement.
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1.2.c) Emission enhancement. A more attractive form of enhancement than

modifying the rate constant of excitation in a fluorophore, is one that actually increases
the total number of detected photons from an emitter that is near an MNS. Emission
enhancement can be broken down into two halves:
1) Introduction of an alternate emissive de-excitation pathway that leads to a
decay rate enhancement, tilting the probability in favor of radiative versus nonradiative
decay95. This type of emission enhancement actually modifies the τ to provide an
increased QY.
2) Directional or angular enhancement, which causes a fluorophore to emit its
photons at an angle where they are much more likely to reach the detector98. Directional
enhancement does not affect a fluorophore’s τ or QY, but it does increase the number of
detected photons without any shortening to its survival time.
Using MNSs to detect more photons from a single fluorophore reduces a need for the
presence of multiple emitters during a lone biological interaction; the biocompatible
organic fluorophores and fluorescent proteins become a more viable option, because the
MNS can pick up the slack from their poor QY.
Decay rate enhancement or localized surface plasmon resonance (LSPR)
enhancement essentially operates in the same manner as what occurs during excitation
enhancement. The difference is that instead of the incident beam inducing plasma
oscillations in the metal (excitation enhancement), the modified field is actually formed
from an interaction between the metal and the excited fluorophore. The excited emitter
behaves in a similar manner as a dipole, which oscillates at a high frequency, and
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activates the modified electric field from the metal’s valance electrons94-95. The charge
separation that occurs during valance electron oscillations of the metal allow them to
behave as a pseudo dipole, which undergoes a dipole-dipole interaction with the excited
fluorophore95. New de-excitation pathways become available to the excited emitter,
where some appear radiative in nature (k’F)92, 94, 97, 99-101, while others are seemingly
nonradiative (k’NR)93-95. This coupling between metal-emitter is complicated because,
similar to the dipole-dipole interaction of FRET, it is highly distance dependent (Fig
1.4)81, 95, 102. The fluorophore must be close enough to interact with the MNS to induce
LSPR, but far enough away from the metal surface for the transferred energy to be
reradiated out into the far field95. A modified Jablonski diagram (Fig 1.5) illustrates that
if the rate constant of energy transfer (KET) in the fluorophore-surface plasmon interaction
is faster than the competing nonradiative rate constants inherent to the fluorophore, then
it will likely experience either enhancement (k’F) or quenching (k’NR)94-95. Equation 1.7
shows the introduction of these two new pathways, k*F and k*NR, where they are the sum
of kET with k’F and k’NR, respectively93. The modified quantum yield (QY*) of the
fluorophore is now dependent on its distance from the MNS.

(Equation 1.7)

Optimal distances for MNSs to provide maximal LSPR enhancement fluctuate
based on the shape81, composition92, and size103, calling for thorough characterizations
before use in practical studies. Quenching, or an MNS induced reduction to the QY,
occurs if the dipole is too close to the metal surface (Fig 1.4, Black Stars), where the
emitter can couple into higher order near-field waves of the metal and the energy is lost
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as heat instead of an emitted photon4493, 95. If the separation between the fluorophore and
MNS is too great then kET drops to virtually zero, and the fluorophore behaves as it
normally would with no modifications to its decay pathways (Fig 1.4, Red Stars). The
ideal distance, which appears as gold stars in the green region of figure 1.4, provides a
high enough kET to compete with inherent fluorophore nonradiative pathways (kNR and
kISC), while keeping a safe distance from the quenching pathway into the metal. This
region can be thought of in a similar manner as the Goldilocks zone for habitable
planetary life in space; too close to the star and the radiation is too high, and on the outer
regions of the zone the planets are too cold to support life. To achieve coupling into kET
and emit via k’F will increase the total number of emitted photons by a fluorophore, and
effectively increase its quantum yield QY*.
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Figure 1.4 In this example the metal nanostructure (MNS) is a gold nanoparticle is
responsible for the potential alternative pathways with the outermost region (blue)
represents an area too far away from the MNS to feel the effect of emission side
enhancement, the inner-most region (red) represents an area that is so close to the MNS
that a fluorophore would experience strong quenching (no fluorescence enhancement),
and the mid-region (green) represents the ‘sweet-spot’ area where fluorescence
enhancement is most likely.
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The second form of emission enhancement arises from the MNS’s modified field
and its interaction with emitted light, referred to as directional or angular enhancement.
Unlike LSPR enhancement, which manipulates the de-excitation pathways of the
fluorophore, angular enhancement manipulates the direction of the emission87-88, 98, 104.
This occurs due to direct excitation of surface plasmons in a metallic film with an
incident beam at a specified angle. These propagating surface plasmons interact with
photons emitted from a fluorophore by altering the angular emission pattern normal to the
optical objective. The plasmon waves leave strong positive and negative charge buildup
in areas as they propagate along the film surface, and constrains the emitted light to a
much tighter emission profile, often referred to as beaming88, 105-108. Many studies have
demonstrated this effect using thin films of aluminum109 and gold110, zero-mode
waveguides88, as well as bullseye zero-mode waveguides87-88, 104. The latter uses
corrugated rings that surround nanoscale apertures to dramatically modify the angular
emission profile of an emitter and provide up to 120-fold enhancement88. So if the
angular emission profile of a fluorophore can be modified to where more photons are
directed towards the microscope objective (by extension the detectors), then it will appear
as though the emission has been enhanced. In actuality this effect does not cause the
emission of additional photons, but rather, allows photons which would normally be lost
in other directions to be collected by the objective.
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Figure 1.5 An electron is promoted from the ground state (S0) to the first excited state
(S1) by following the excitation pathway (blue arrow), and the rate at which that occurs
is called the rate constant of excitation (kEX). The electron quickly relaxes from an upper
vibrational level to the lowest vibrational level of the S1 state via vibrational relaxation
(gold arrow). The electron can then dispense of its excess energy through three inherent
deexcitation pathways: 1) the fluorescence decay pathway (green arrow), the rate
constant of which is denoted by kF 2) the nonradiative decay pathway (red arrow),
which has a rate constant denoted by kNR and 3) the rate constant of intersystem crossing
(violet arrow) to a triplet state that eventually allows for energy dissipation via the triplet
decay pathway (cyan arrow), the rate constants of which are kISC and kT, respectively. If
the fluorophore is close enough to a metal nanostructure (MNS) it can transfer is excited
energy to the metal via the energy transfer pathway (royal arrow); the rate constant of
energy transfer (kET) is dependent on the distance between an emitter and MNS, the
closer they are, the higher the rate constant. If the fluorophore does transfer its energy to
the MNS via kET it will disburse that energy with either a fluorescence decay pathway
20

(dark green arrow) or nonradiative decay pathway (dark red arrow), the rate constants

of which are k’F and k’NR, respectively.
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A normal fluorophore under vacuum will emit light isotropically in all directions
(Fig 1.6A)109. As substrates with contrasting indexes of refraction (N) are introduced into
the environment of a fluorophore, the emitted light will lose its isotropic emission pattern
and tend to diverge towards the substance with a higher index of refraction. For example,
if a fluorophore is sitting on top of a glass coverslip (N=1.52) and the upper environment
is air (N=1.00), then the majority of the emitted light will propagate in the direction of the
glass coverslip (Fig 1.6B). The modified EM fields from a MNS are capable of directing
emitted light at much sharper angles into the objective (Fig 1.6C); some studies have
revealed MNS angular enhancement of up to 120 times88 (Fig 1.6D). Angular emission
enhancement helps to maximize the collection of light from a fluorophore by reducing
the probability that a photon will be emitted in any direction except towards the
microscope objective.
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Figure 1.6 (A) A general fluorescence emitter under vacuum that emits photons equally
in all directions (isotropic). (B) A fluorophore that is sitting on top of a glass coverslip,
where it still emits light in all directions to some degree, but prefers to emit photons
downward into the higher refractive index medium (glass in this case). (C) A fluorophore
in the presence of a metal nanostructure (MNS) such as a zero-mode waveguide (ZMW)
that uses surface plasmon resonance to direct emitted light down toward the optical
objective. (D) A special MNS made specifically for directional-based emission
enhancement like ZMW modified with metallic corrugations.
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1.2.d) Zero-mode waveguides. Zero-mode waveguides (ZMWs), sometimes

referred to as wells, are nanoscale apertures patterned into thin metal films using
fabrication techniques. ZMWs like other MNSs, have exhibited plasmonic properties
such as excitation101, 111, decay rate92, and angular enhancement87-88, 104. Traditional
ZMWs are circular and usually found on top of glass or quartz substrates (Fig 1.7). The
common transparent support makes these structures ideal for microscopy based studies.
Delocalized valance electrons within the metal film surrounding the ZMW behave
in a similar way to the gold nanoparticle in figure 1.2; at the appropriate frequency an
EM field causes the valance electrons to strongly oscillate back and forth, creating a high
concentration of electrons near the edge of the structure. These apertures are capable of
local field enhancement92, 103, 111, radiative enhancement101, directional enhancement87, 104
(see 1.3.e), and quenching93 of fluorophores depending on its radial position with respect
to the well. Within the hole itself (at a fixed Z-height) the furthest away that a
fluorophore can get from the local fields is the very center of the aperture (Fig 1.7). This
indicates that like figures 1.2-1.4 with the gold nanoparticle, there is a strong distance
dependence for excitation and emission enhancement within the ZMW; a fluorophore
very close to the metal wall has a strong chance for nonradiative losses to the metal in the
form of heat93. The metal composition and aperture diameter also play an important role
with the spectral overlap of the fluorophore103.
Apart from plasmonic enhancement effects, ZMWs have two other defining traits
that make them ideal for biological imaging. The first is an attenuation effect that occurs
when light interacts with the hole112-113. As ZMWs are typically ≤200 nm in diameter,
their dimensions are much smaller than visible spectrum EM fields, making them
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‘subwavelength’ apertures. Due to the size mismatch between the exciting light and the
structure itself, an attenuation effect is observed for the EM field as it travels through the
well. The product of the interaction between the excitation beam and the base of the
ZMW is an intense, rapidly decaying evanescent wave (in the Z direction) that is not able
to propagate through the aperture (Fig 1.7). The intensity of a beam of a particular
wavelength/distance into the well can be determined using Equation 1.8, where λC is the
longest wavelength that can freely propagate through the waveguide, λ is the wavelength
of the incident beam divided by the refractive index of the medium within the waveguide,
and z is the distance into the waveguide where the intensity is being probed.

(Equation 1.8)
This means that powers relevant for single molecule imaging are limited to the entrance
side of the ZMW, shrinking an already tiny ZMW active imaging volume (10-21 L) even
further. These structural traits allow ZMWs to achieve extremely small imaging volumes,
but why does this help image biological interactions? Under physiological conditions
biological interactions occur at micro to millimolar concentrations, which are obviously
much higher than desired for normal single molecule imaging techniques. Single
molecule imaging techniques are generally constrained to pico to femtomolar
concentrations. ZMWs allow for single molecule imaging to occur while preserving
native biological concentrations.
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Figure 1.7 200 nm diameter gold zero-mode waveguides (ZMWs) fabricated into a 100
nm thick gold film with a pitch of 3.5 µm. Single fluorophores (red star) are excited with
a green diffraction-limited confocal beam.
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The second added benefit for ZMWs are due to their interaction with cellular
plasma membrane. Receptors on the plasma membrane are densely packed, which
normally makes the differentiation of single events very strenuous. Adding to the
complication, receptors are not fixed in one position and, as noted in 1.1.a, there tends to
be a native emitting species within the cell which contributes to fluorescence background;
termed autofluorescence. ZMWs simplify the imaging of single events on the plasma
membrane by localizing individual receptors to very small areas44. When a cell is added
to the surface of an array of ZMWs, a portion of the plasma membrane will drop down
into the apertures, isolating small areas of the membrane from the rest of the cell; a very
similar effect happens on the macroscale when a person lays in a rope-woven hammock
and the checker board pattern is imprinted onto their skin. Studies have demonstrated
single membrane receptors isolated within a ZMW44. The spatial confinement of
membrane receptors helps to block out the autofluorescence background from the rest of
the cell, which cannot penetrate through the metal film and allows for much better
resolution at the single molecule level.
Among the vast number of metal nanostructures available, zero-mode waveguides
do not retain the most profound excitation/emission benefits. Other structures are
available that offer orders of magnitude greater fluorescence enhancement87. However,
due to excitation/emission enhancement capabilities plus the other traits unique to ZMWs
such as high concentration single molecule imaging and their interaction with cellular
membranes, zero-mode waveguides sit at the top of the list for MNSs used in biological
imaging.
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1.2.e) Metal nanostructures in biology. Due to the potential fluorescence

enhancement effects by MNSs discussed in sections 1.2.b-1.2.d, interest in using them for
the study of biological interactions has increased. For example, single metal nanoparticles
and dimers have been used to amplify the signals of DNA-FRET pairs in solution100, 114,
immunoassays115-116, and other biomarkers116-117. Other groups have utilized the peak
local field enhancement of gold nanoparticles (typically near-infrared (NIR)) to
selectively attack cancer cells in the body while leaving healthy tissue unaffected118-120.
ZMWs have been used to monitor the stoichiometric changes in nicotinic
acetylcholine receptors on the plasma membrane of living cells based on the addition of
either nicotine or cytosine44. Small portions of the cellular plasma membrane were
isolated within the wells and exposed with 488 nm excitation. Green fluorescent protein
(GFP) was labeled to individual subunits that compose the receptor and the stoichiometry
was measured based on the number of fluorophores in an aperture. This report has shown
great promise for potential studies regarding the upregulation of membrane receptors that
were not previously distinguishable. ZMWs have also been used for protein-protein
interactions in solution at physiological concentrations121, and are used in commercial
systems to sequence single strands of DNA61-62, 65-66. There have been many variations to
this method but the general idea uses enzymes isolated at the bottom of a well to guide
each nucleotide in a strand across the imaging plane of the microscope. Fluorescent tags
are used to differentiate between adenine, guanine, cytosine, and thymine by directing the
emission to separate detectors. Other techniques with modified ZMW hybrids use electric
current to gauge the time it takes for each nucleotide in a sequence to cross a nanopore
that is less than 10 nm in diameter122.
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1.3) MICROSCOPY TECHNIQUES
1.3.a) Epifluorescence. Widefield epifluorescence excitation is a common

technique used in fluorescence microscopy123. A laser or other high intensity excitation
source passes through a lens and is focused down to a diffraction limited spot at the back
aperture of an objective lens. The beam rapidly expands through the refractive imaging
medium (oil, water, air) to illuminate a large area on the sample surface; depending on
the objective magnification, an illumination spot can be several tens to hundreds of
micrometers in diameter. The reflected excitation light and emitted photons from the
sample are directed mostly through the medium with a higher refractive index and back
through the objective. As the photons travel to the detector a dichroic mirror separates the
fluorescence emission from a large percentage of the reflected beam, and emission filters
are used to separate the emission from the remainder of any reflected light.
There are two major benefits to wide-field epifluorescence illumination: The first
being the illumination area, which is large enough to measure several cells or isolated
biomolecules simultaneously. This technique allows for the concurrent collection of large
amounts of fluorescence data in the form of intensity versus time traces, emission spectra,
and possibly the most important to the biological community, real-time movies of
biological events. The second advantage is that, unlike its total internal reflection
fluorescence counter-part, wide-field epifluorescence allows for more freedom to develop
extravagant substrates that incorporate microfluidic delivery systems. The inclusion of
microfluidic systems and primarily opaque nanostructures into the biological imaging
regime will shift the focus of wide-field techniques back towards epifluorescence
illumination.
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1.3.b) Total internal reflection fluorescence. Total internal reflection

fluorescence (TIRF) microscopy is a wide-field technique commonly used for the
imaging of biological events, because it limits excitation to within 100 nm above the
glass substrate124. TIRF microscopy has become specifically popular with imaging
biological interactions on the plasma membrane of cells. Normal epifluorescence
illumination excites autofluorescence emission throughout an entire cell, which strongly
hinders the signal-to-noise ratio during studies on the plasma membrane. TIRF-based
imaging has been used to remove the fluorescence background of solutions from isolated
single molecule studies26, 45, 125-126, monitor signaling proteins on the cell surface26, 45, 127129

, and advances in receptor pharmacological profiling130
As an excitation beam passes through a high numerical aperture (NA) objective,

the angle of light can be increased normal to the sample surface by moving the beam
towards the edge of the back aperture of the objective (Fig 1.8). If the angle with which
excitation source strikes the sample and substrate interface is higher than the critical
angle ( C ) of the sample, then the excitation light is totally reflected at the sample,
preventing propagation. Instead, a rapidly decaying evanescent wave is formed, which
only illuminates molecules that are close to the surface; as the wave travels too far above
the substrate its excitation intensity becomes too weak to observe fluorescence. This
angle C , can be calculated by using Snell’s Law (Equation 1.9), and assuming that the
angle of transmission (  T ) is 90 ⁰ and the angle of incidence (θI) is θC (Equation 1.10).
N 1 sin  I   N 2 sin  T 

(Equation 1.9)

 N2 

 N1 

(Equation 1.10)

 C  sin 1 
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Unlike wide-field epifluorescence, TIRF has the benefit of limiting the native
fluorescence emission (autofluorescence) in biological species. This makes the technique
ideal for microscopy studies that are meant to image interactions on the plasma
membrane of cells. If the sample specimen is ≤100 nm above the top of the substrate, this
technique allows for cleaner images and real-time movies to be captured than traditional
wide-field epifluorescence.
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Figure 1.8 A ray of light travels through a high refractive index medium (glass substrate,
N1) and into a lower one (air, N2), the light is refracted slightly from its original path
towards the medium with a higher refractive index (Blue Ray). As the angle of the ray
that enter the glass coverslip approaches the critical angle (ϴc) the transmitted ray
becomes more parallel with the N1/N2 interface (Green Ray). If the angle of the ray
moves beyond ϴc then it undergoes total internal reflection (Red Ray).
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1.3.c) Confocal microscopy. Confocal excitation is a very common technique

used for single molecule spectroscopy86-88, 92-93, 97, 100, 104, 111, 131-133. A large collimated
beam fills the back aperture of an objective, reducing the beam to a high intensity
diffraction limited spot on the sample surface. This technique strongly increases the
signal to noise ratio of a sample by filtering all non-focused light (in the Z-direction)
through a pinhole before reaching the detectors (Fig 1.9A). After passing through a
pinhole the signal fluorescence is collimated using an aspheric lens, separated from
reflected light with emission filters, and focused back down with a second lens just
before the detectors.
The diffraction limited spot of a confocal beam is ideal for single molecule
studies due to the limited inclusion of fluorescence background. Common detectors used
in confocal microscopy such as photomultiplier tubes (PMTs) or avalanche photodiodes
(APDs) allow for the highly sensitive detection of time-tagged photons with high
quantum efficiency. This provides access to a large variety of fluorescence data such as
fluorescence intensities, lifetimes, and correlations which are all highly important for the
photophysical characterization of fluorophores. The major downside of confocal
microscopy is that the very small illumination volume limits biological applications, but
the inclusion of piezoelectric stages or motorized galvomotor systems can significantly
broaden those applications.
Piezoelectric stages can scan with nanometer resolution, which allows for the
precise positioning between the sample surface and the confocal beam; this provides
highly specific point/trace analysis and crisp image formation. A piezo stage
communicates with the photon counter and a PC in order to sync the location of the
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sample with photons being detected at a given time. Single molecule acquisition software
stitches the signal from a beam (measured pixel by pixel) as it scans an area with a
predetermined dwell time in between each stage movement. Figure 1.9B-D shows the
product of a piezo stage, photon counter, and PC working in conjunction to build up an
image. The photon counter registers time-tagged photons as they arrive during 4
millisecond windows (Fig 1.9B), which are representative of individual pixels in figure
1.9C. The grayscale shows the fluorescence intensity of detected photons in a given area;
the darker the pixel the lower the fluorescence intensity, and vice versa for the lighter
pixels. A much larger scanned area can be viewed in figure 1.9D, which reveals several
tetraspeck microbeads bound to the surface. While very few confocal microscopy setups
are capable of imaging real-time movies in a large field of view (>50 µm) with singlemolecule resolution, they offer an extremely valuable method for extracting fundamental
photophysical information that would not be possible with wide-field techniques such as
fluorescence lifetimes, correlations, and photon antibunching statistics.
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Figure 1.9 (A) A basic confocal microscopy setup with excitation light, dichroic mirror,
optical objective, stage, pinhole, lenses, emission filter, and detector. (B) An intensity
versus time diagram for a 25 pix2 area scanning for single molecules with a confocal
beam and nano-positioning stage. (C) the grey-scale image built from the scan performed
in B. (D) An actual 60 µm2 scanned image with Tetraspeck microbeads on the surface.

35

1.4) NANOFABRICATION
1.4.a) Polymer resist. Nanolithography generally requires the use of a mold of

some sort to pattern nanoscale features. The solubility properties of organic polymer
resists are used to pattern nano and microscale features onto substrates such as quartz,
silicon, glass etc. These polymer resists are broken down into two major categories: 1)
Photoresist, which patterns microscale features following exposure to UV excitation and
2) Electron-beam (E-beam) resist which, activated by high voltage electron beams under
vacuum, is generally used to stencil higher resolution nanoscale features. Whether photo
or E-beam resists are being used to pattern features, each are broken down into two
subsections, positive and negative tone, depending on the desired product. An
unpatterned positive resist is generally composed of highly cross-linked polymers, and
areas exposed to a(n) UV light source/E-beam are broken up into much smaller
molecules134-139. This creates a strong distinction in solubility for areas that have been
exposed versus areas that have not. The higher solubility areas composed of much
smaller molecules can be rinsed away using a mild organic solvent (specific to the resist)
in a process called development. The heavily crosslinked areas remain intact on the
surface, and serve an accurate mold preceding metal deposition. Negative resists are used
in the opposite way; the negative polymer film begins as highly soluble (in the
developing solvent) small molecules, and the exposed areas undergo cross-linking,
rendering them insoluble to the developer92, 140-142.
1.4.b) Patterning. Using subwavelength metallic structures such as ZMWs to

modify the external environment of an emitter is a very attractive idea, but it requires a
strong knowledge of a variety of nanofabrication techniques and instrumentation. Top36

down lithographic techniques allow for the formation of microscale/subwavelength
features onto a sample surface with high reproducibility.
Photolithography uses UV light to pattern features into a positive or negative
photoresist. Instruments for photolithography, called mask aligners, pass a very large UV
beam onto the sample coated with photoresist134-136, 141-142. Ultraviolet blocking glass
called photo masks are used to pass UV light only to the areas of the sample where
specific features are intended to be. This feature writing method is generally very fast
(taking only seconds) and mostly limited to microscale features; smaller sizes are
achievable, but features tend to be less sharp and reproducibility becomes much more
difficult. Photolithography is commonly used to create templates for microfluidic molds
using polydimethylsiloxane (PDMS) from temperature hardened photoresist features143145

.
Electron beam lithography (EBL) techniques use electrons to write patterns into a

polymer resist, which depending on the type (either positive or negative), causes the
exposed part of the sample to become either more or less soluble than the rest of the
surface92, 137-140. The benefits of this patterning technique versus photolithography are that
it can write features that are much smaller and with higher resolution; while the feature
resolution of photolithography tends to be on the order ~1µm or larger, EBL can pattern
features close to 1000 times smaller. The only real drawback to EBL in comparison to
photolithography is that, while photolithography could pattern features onto a 4-inch
silicon wafer in a matter of seconds, EBL could take several hours, sometimes multiple
days to pattern the same surface area; depends on feature complexity. Post-patterned
substrates are immersed in a resist-specific mild developing solvent to remove the more
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soluble areas of the substrate. The finished product of a patterned array of 200 nm
diameter circles with EBL into a positive and negative resist can be observed in figure
1.10D and 1.10H, respectively.
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Figure 1.10 This figure illustrates the difference between positive (A-D) and negative
(E-H) E-beam resist when patterned with the sample exposure template using EBL.
(A,E) illustrate that both procedures begin with a clean glass surface. The next step is to
spin coat the less soluble positive E-beam resist (B) and more soluble negative E-beam
resist (F) onto the glass coverslips. The resists are patterned with EBL making the
exposed areas (red) of positive resist more soluble (C), and the exposed areas (blue) of
the negative resist less soluble (G). After developing away the more soluble areas in both
cases the positive resist template reveals small holes patterned into the film (D), whereas
only small pillars remain in the negative resist template (H).
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1.4.c) Etching. Reactive ion etching (RIE) is a powerful supporting tool for many

patterning techniques. It uses a low vacuum plasma environment to etch away hardened
resists or metals146, reduce feature sizes147, and even remove oxide layers that form on
substrates through a process called descumming148. Plasma recipes of different gas
compositions are used for specific types of etching. For example, organic photoresist can
be removed very quickly using a chemical based plasma etch composed primarily of O2
gas. Inert gases like argon are used in a physical etch process called sputter etching which
physically bombards the sample surface to remove multiple materials at the same rate
without the concern of one material reacting more quickly with the plasma than another.
Chemical based etching also plays an important role in the feature etching
process. Certain EBL protocols require a thin metal layer overcoated onto the E-beam
resist for use as a dissipation layer. Post patterning, solvents such as chrome or gold
etchant, are used for a short period of time to remove the metal layer. This uncovers the
E-beam resist so that it can be developed. Other sophisticated fabrication methods use
material specific solvents all the way through a surface; this technique is particularly
important for high throughput membrane fabrication.
1.4.d) Metal deposition. Metals are deposited in this body of work using two

possible methods. The first is E-beam evaporation which passes intense radio waves
through a metal to heat it into gaseous ions149. These ions travel towards the sample, and
the deposition thickness is measured using a quartz crystal monitor92. The other method
uses a plasma sputtering tool150, which introduces inert gas into the chamber where the
samples are seated. Low intensity radio frequency waves are passed through the metal
target and gas under vacuum, where metal ions are knocked off of the target source and
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fall down to the substrate; the thickness is also measured with a quartz crystal monitor.
The difference between the two methods is that E-beam evaporation is mostly
unidirectional while the sputter deposition is more conformal.
1.5) MOTIVATION
Many current fluorescence-based biological imaging techniques either sacrifice
biological integrity, reduce experimental sensitivity, or make bold assumptions by
ballooning limited experimental data through large amounts of computation. My projects
utilize a combination of nanofabrication, microscopy techniques, and metal enhanced
fluorescence to develop new methods that incorporate live-cell imaging with single
molecule spectroscopy. These studies should enable a wider array of single molecule
spectroscopy applications in biological imaging techniques.
In my first project, I perform a thorough characterization of isolated single
molecules in ZMWs to determine the best combinations of metal devices paired with
specific fluorophore excitation and emission wavelengths. By collecting photophysical
data on green and red exciting fluorophores in 200 nm ZMWs composed of either
aluminum or gold, I was able to discern which metal-fluorophore combinations quenched
the emission versus those that led to enhancement. This information allowed us to make
more informed decisions when translating ZMW-based imaging studies to biological
interactions.
The second project studied the effects of the LSPR in 200 nm gold ZMWs in 3
dimensions (3-D). I performed a thorough photophysical characterization of single green
and red exciting fluorophores in traditional gold ZMWs, and compared changes to the
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fluorescence properties of the emitters as I lowered the single molecule isolation plane at
the bottom of the well. This was achieved by fabricating hybrid 200 nm gold ZMWs that
have glass isolation planes etched further into the coverslip, beneath the glass-metal
interface. There was a strong relationship between the depth of the overetching and the
observed fluorescence enhancement which allowed us to determine which substrates to
avoid, which to use, and the types of enhancement that occur in each case.
The third project focused on the development of a technique to reproducibly
image single biological interactions on the surface of a live cell. Using a hybrid ZMW
substrate incorporated into a novel microfluidic delivery system, I was able to locate
fluorescent cells that were seated on a ZMW membrane and then observe single ligandreceptor binding events. These studies revealed the ability to extrapolate single ligand
binding times. The levels of enhancement found were in good agreement with those seen
during the compositional characterization studies for ZMWs during my first project.
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2] A Comparison of Single-Molecule Emission in Aluminum and Gold Zero-Mode
Waveguides
“Reprinted with permission from [DOI: 10.1021/acs.jpca.6b03309 J. Phys. Chem. A
2016, 120, 6719-6729]. Copyright [2016] American Chemical Society.”

2.1) INTRODUCTION
Single molecule fluorescence imaging techniques are regularly employed to investigate
the heterogeneity of biological systems90, 151. However, despite their many advantages,
single molecule studies can be hindered by two important factors: limited fluorophore
brightness and a need to maintain nanomolar concentrations of fluorescently labeled
components131,

152

. Fluorescence measurements of single molecules require sensitive

detection equipment such as EMCCDs. The relatively weak signal from single molecules
can be easily obscured in the presence of even moderate background fluorescence or
cellular autofluorescence153 if one does not want to rely on signal modulation or time-gated
techniques132, 154. Therefore, a molecule must emit sufficient photons to be distinguished
from the background signal. Fluorophore brightness depends on several factors including
molar extinction coefficient, quantum yield of fluorescence and photobleaching, and the
length and probability to form intermittent dark states.60 Solution based single molecule
measurements are typically limited to low concentrations (pM to nM) of fluorescently
labeled molecules152. This is due to the need to limit the number of molecules present
within the focal volume at any given time. This is problematic because it is often much
lower than the physiological concentrations of proteins152. Zero-mode waveguides
(ZMWs) have been used as a tool to address both concentration and brightness issues44, 78,
112, 155

. ZMWs consist of nano-scale apertures (<250 nm) in thin metal films (Figure 1)
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creating small enough observation volumes (10-21 L) that single-molecules can be imaged
at micromolar concentrations112. Another advantage of metal nanostructures in general is
that they exhibit plasmonic properties that can provide signal enhancement for studies in
fluorescence spectroscopy44, 77-81, 83, 86, 93, 156, Raman scattering157-158, biological imaging44,
62, 66, 112, 121, 155

, information storage159-161, and optical waveguiding162-164. Augmented

signals depend on parameters including shape and composition of the plasmonic structure.
Thin metals films98, 109-110, nanoparticles165, nanorods166-168, nanoapertures78, 82, 86-88, 97, 104,
111, 169

, and tip-to-tip structures77,

157, 170

, have all been utilized for plasmon enhanced

fluorescence.
Plasmon enhanced fluorescence is also highly dependent on the distance between
the fluorophore and the metallic structure166, 171-173. Maximum excitation enhancement
occurs in close proximity to the metal nanostructure due to the high levels of electric field
enhancement100. Fluorescence enhancement can also occur through coupling fluorophore
emission back into the plasmon modes of the nanostructure that are capable of reradiating
the energy110, 166-168, 174-176. Accessing modes capable of enhancing the rate constant of
emission typically requires the fluorophore to be several nanometers from the
nanostructure. Placement of the fluorophore too close to the metal structure results in
quenching of the fluorescence signal due to coupling into the metal structure94, 172-173, 177.
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In addition to their plasmonic properties, ZMW size also plays an important role in
potential applications. Subwavelength diameters inhibit the propagation of light through
the ZMW112-113 leading to the generation of a rapidly decaying (evanescent) wave that
originates at the entrance and then extends into to the well limiting the imaging volume
within a ZMW to the zeptoliter scale (10-21 L). This feature has been exploited for single
molecule studies at micromolar concentrations62,

65-66, 113, 122, 178-179

. Like other

nanostructures, the plasmonic properties of ZMWs are strongly dependent on metallic
composition86,

103

, aperture diameter86,

93, 103

, and the spatial position of molecules in

relation the outer metal edges of the aperture113, 180-181. Recent studies have shown that
fluorophores located in the center of the aperture will yield the highest level of
fluorescence180. ZMWs have been used for applications such as DNA sequencing62, 66, 178179, 182

, enzymatic activity112, 183, and diffusion events184-186. ZMWs have also been used for

cell based imaging due to their ability to limit background fluorescence from the cell by
restricting the excitation volume to portions of the plasma membrane extended into the
apertures44, 187.
ZMWs composed of either aluminum or gold have previously been characterized
using fluorescence correlation spectroscopy (FCS)78, 86-87, 104, 188, wide field illumination121,
and confocal microscopy for single molecule isolation methods93,

131, 181

. Studies to

characterize fluorescence enhancement have shown results ranging from significant
quenching93 to orders of magnitude enhancement87. Studies comparing Au and Al ZMWs
using FCS measurements showed gold exhibited higher levels of enhancement than
aluminum189. While these studies offer valuable insight into the effect on fluorophore
emission, the wide array of techniques used coupled with the fact that the majority of
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studies have been done using FCS complicates comparisons between different metals and
different emissive species for immobilized molecules. For example, FCS based studies of
gold78 and aluminum99 ZMWs show high levels of enhancement, while a novel approach
that utilized DNA origami to isolate fluorophores in the bottom of aluminum ZMWs
showed high levels of quenching131. Here we fabricated gold ZMWs and compared them
to commercially available aluminum ZMWs (Pacific Biosciences). This allowed us to build
a profile of the enhancement and quenching properties of Al and Au ZMWs by determining
the effect of each on immobilized single fluorophores compared to glass controls.
Fluorescence characterization in the ZMWs using fluorophores that emit at different
wavelengths further allowed us to determine how metal composition affects fluorescence.
Our studies show that gold ZMWs enhance emission in both red and green regions while
aluminum shows no real change in the red region and enhancement in the green.
2.2) EXPERIMENTAL METHODS
2.2.a) Gold ZMW fabrication. Glass coverslips were sonicated in 5M NaOH for

60 minutes at 50 °C followed by thorough rinsing with DI H2O (18 MΩ) and 100% EtOH.
The substrates were dried with N2 gas and then sonicated for an additional 60 minutes in
0.1M HCl at 50 °C. The substrates were rinsed and dried in the same way, and then finally
plasma cleaned with a Harrick PDC-32G using the high setting for a period of five minutes
to ensure that there are no remaining organic impurities left on the surface. Gold ZMWs
were fabricated in the Center for Nanophase Materials Sciences (CNMS) at Oak Ridge
National Laboratory with the negative tone E-beam polymer resist NEB22A (Sumika
Corp.) using similar methods employed previously140. This resist is highly sensitive to
light, so samples were protected from light at all times leading up to development. The
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Microprime primer P20 adhesion promoter was added to cleaned 22 mm square glass
coverslips for a period of 10 seconds before spinning off the excess solution at 2000 rpm
for a period of 45 seconds. NEB22A was immediately added to the coverslip and spun for
45 seconds at 2000 rpm, followed by baking at 110 °C for 2 minutes. The samples were
loaded into the JEOL JBX-9300FS E-beam lithography system and patterned with a dose
of 80 µC/cm2. We did not use a dissipation layer during patterning unlike previous
protocols140. Most optically transparent substrates (quartz, glass, fused silica etc.)
necessitate this step in order to reduce charging effects during e-beam lithography. A
combination of the small feature sizes, large spacing, and low dose allows for the patterning
of features into NEB22A with minimal charging effects. Eliminating the use of a
dissipation layer removes the need to perform any type of wet chemical etching before
sample development. We then performed a post-exposure bake for 4 minutes at 95 °C
before development. Coverslips were developed for 30 seconds using Microposit MF-321,
rinsed with deionized water, isopropanol, and dried with N2 gas. Care was taken with N2
drying as features can be easily removed. Samples were then exposed to a low intensity
oxygen plasma in the Oxford Plasmalab System 100 reactive ion etcher for a 6 second
descum to remove any undeveloped e-beam resist. Next, a 5 nm adhesion layer of
chromium and 100 nm layer of gold were deposited onto the surface of the coverslip using
a JEOL dual source E-beam evaporator. Liftoff of the NEB22A cross-linked pillars was
performed in 2 steps. Samples were first soaked in NMP Microposit Remover 1165 (1methyl-2-pyrrolidinone) for 30 minutes at 70 °C to remove the negative resist from within
the ZMWs. Next the samples were sonicated in NMP for an additional 30 minutes to
remove the metal caps. This produced arrays of 200 nm gold ZMWs (Au200) spaced 3.5
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μm apart (Fig. 2.1C). Biotinylated aluminum ZMWs were purchased and used as received
from Pacific Biosciences. These Al ZMWs are coated during manufacturing with a thin (<
5 nm) layer of SiO2 to avoid oxidation of the aluminum surface.
2.2.b) Surface functionalization. The glass at the bottom of the well was

functionalized with 2 mg/mL of Silane-PEG-Biotin in 95% EtOH for 30 minutes, and then
rinsed thoroughly with 1X phosphate buffer solution (PBS, VWR). To prevent nonspecific
binding of dye molecules to the surface of gold substrates, 20 μM methyl-PEG-thiol
(Laysan Bio MW: 2000 Da) was added to the substrates for a period of 3 hours and rinsed
thoroughly with 1X PBS. Next 100 µM Neutravidin in 1X PBS is added for 2 hours and
then rinse thoroughly with PBS. The aluminum substrates purchased from Pacific
Biosciences were prefunctionalized with biotin so the functionalization process for these
substrates began with the binding of neutravidin in the same way as above. Neutravidin
has four available binding sites, and with at least one site anchored to the biotinylated
surface, there are up to three open sites for biotinylated dyes to bind. To maximize the
probability that a single fluorophore is binding to neutravidin molecules, biotinylated
Atto565 (Atto-tec) or Atto647N (Atto-tec) is diluted to 1 nM in a PBS solution already
containing 100 nM biotin and added to the ZMWs for 5 minutes, followed by a thorough
rinse with PBS. This process reduces the likelihood that multiple fluorophores will bind
within a single well.
2.2.c) Single molecule imaging. Experiments were performed on three separate

microscopes. One had the capability for simultaneous spectral detection, intensity
measurements, and photon antibunching studies. The second microscope was equipped
with continuous wave (CW) lasers and was used for single molecule intensity
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measurements. The third microscope was equipped with pulsed excitation for single
molecule lifetime measurements. In order to make comparisons between pulsed and CW
experiments on different microscopes, a glass substrate control was performed for all
experiments using ZMWs. This allowed us to determine the enhancement for each
condition versus a glass substrate under the exact same experimental condition. For the
CW laser setup, lasers were aligned through the back port of the microscope such that TIRF
or epi fluorescence could be achieved using a stepper motor to translate the beam across
the back aperture of the objective. Simultaneously, a secondary beam was aligned through
the right side port of the microscope for confocal excitation. Substrates are placed on top
of a motorized stage (Pryor) mounted on an inverted microscope (Olympus IX71) equipped
with a high Numerical Aperture (NA) oil immersion objective. Wide field illumination was
achieved at low intensity excitation and EMCCD detection (Andor, Ixon DV887).
Individual molecules were then placed in the path of the predetermined position of the
shuttered confocal beam. Once isolated in the appropriate position the wide-field beam is
shuttered and the sample is exposed to the confocal beam that passes through a 640 ± 4 nm
or 532 ± 4 nm excitation filter and reflects off of a 650 LP or 532 LP dichroic, and the
emission passes through a 664 LP filter or 575 ± 20 nm bandpass filter and is directed
toward two avalanche photodiodes (APDs, Picoquant τ-SPAD 932040). A picoharp PH300
(picoquant) time correlated single photon counting module was used to record the arrival
of individual photons. Roughly 100 molecules were collected on each substrate for each
condition.
For fluorescence lifetime imaging (FLIM) and the collection of single molecules
fluorescence lifetimes, substrates (either ZMWs or glass) are placed onto a piezo stage
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(Mad City Labs) and raster scanned with a pulsed confocal beam (635 nm) passing through
a 60X 1.45 NA oil immersion objective to build up to a 40 µm X 40 µm image (Figure
S2.5). Fluorescence lifetime images (FLIM) were used to identify and expose single
Atto647N fluorophores using a 635 nm pulsed diode laser (Picoquant) which was filtered
with an excitation filter (Semrock, 640/10). Fluorescence lifetimes were collected for 80100 single molecules until photobleaching occurred on glass, Al200, and Au200.
To collect simultaneous lifetime, antibunching, spectral, and intensity
measurements an alternate setup was employed. Substrates were placed onto a piezo stage
(Physik Intrumente P5173CL) and raster scanned with a confocal beam (635 nm Picoquant
LDH-P-635) passing through a 100X oil immersion objective (Olympus UPLFLN 100X,
1.3 NA)133. Individual molecules were selected from the resulting image and moved to the
positions of the confocal beam. The emitted signal passed through the same two emission
filters (Semrock BLP01-647R-25) and then a 50/50 beamsplitter which sent half of the
signal through a second 50/50 beam splitter to two avalanche photodiodes (APD, PerkinElmer CD3226), and the other half of the signal was sent to a spectrometer (SP 2356
spectrometer with 1-030-500 grating 300 g/ mm centered at 700 nm)133 to measure
emission spectra. The APDs signals were send to a time-correlated single photon counting
card (SPC-830 Becker & Hickl). One APD had an additional 780 nm short pass filter and
was delayed using a DG535 delay generator (Stanford Research System). The delay time
is subtracted in the antibunching histogram. The data collected for figures 2.3 and 2.4 were
performed using the cw laser setup, while figure 2.2 was performed using the antibunching
setup. Data from figure 2.5 was collected with the pulsed excitation setup.
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2.2.d) Data analysis. Average fluorescence intensities and photobleaching times

are compared by measuring the duration of fluorescence until bleaching in a single step to
the background level. The background fluorescence intensity after photobleaching is
subtracted from the average intensity of each molecule. Survival times are measured by
logging the time from the beginning of exposure to the point of photobleaching for each
molecule. Fluorescence intensities are histogrammed with the number of bins matching the
square root of the sample size. The number of surviving molecules for each population are
plotted versus time (using Origin Labs) and then fit to a single exponential decay to
determine the population photobleaching time. The total numbers of detected photons for
each molecule are calculated by multiplying the average fluorescence intensity (in counts
per sec) with its survival time (in sec). All values are reported as mean +/- SD.
2.3) RESULTS AND DISCUSSION
2.3.a) Isolated single emitters. In order to verify that the fluorescence signals

measured for these studies originated from single emitters, we performed simultaneous
fluorescence intensity, antibunching, and emission spectra measurements (Fig. 2.2). The
data collected on glass substrates was performed using a 635 nm pulsed laser (3.3 W at
sample) focused into a diffraction limited spot. Figure 2.2A shows the spectral signal of a
single Atto647N molecule isolated on a glass coverslip over a time course of 60 seconds.
Initially, a clear spectral signature is visible matching that of Atto647N but it disappears in
the final frame. A simultaneously measured intensity versus time trace for the same
molecule shows that it undergoes single step photobleaching near 50 seconds. In order to
verify that the behavior, observed in figure 2.2A and 2.2B, is consistent with that of a single
emitter we also performed simultaneous photon antibunching measurements (Fig. 2.2C).
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At 0 delay time between both detectors, no clear peak is present. We divided the intensity
of the central peak (at time 0) by the intensity of the lateral peak to determine the quality
of the single photon emission behavior. The average ratio for all the molecules collected
was 0.23 (see SI Fig. S2.6 for the histogram). 80% of the molecules exhibiting single step
photobleaching showed antibunching behavior as defined by a value below 0.25. Although,
not an absolute proof that we are dealing with a single molecule, the presence of a single
photobleaching step from the emissive level to the background was used in all of the
following experiments to identify single emitters. All further experiments are performed
under similar sample preparation conditions as the antibunching experiment, and we
assume that we were dealing with single fluorophores.
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2.3.b) Fluorophores in Al ZMWs. In order to determine if the effect of Al ZMWs

on fluorophore properties were wavelength dependent, we compared the emissive
properties of single Atto647N and Atto565 molecules on a glass substrate to those isolated
within 200 nm aluminum ZMWs (Al200).

Histograms showing the distribution of

emission intensities for Atto647N during confocal excitation (640 nm CW, 2.8 W at
sample) for glass and Al200 are shown in figure 2.3A and B. Single fluorophores on a glass
surface show an average intensity of 2,315 ± 1182 counts per sec, while the same
measurement in Al200 gave an average of 2,384 ± 1460 counts per sec. Representative
time traces are shown in figure S2.1. In terms of average intensity, these results indicate no
apparent enhancement or quenching for these molecules in Al apertures as compared to
glass. To determine if the total number of photons emitted by single fluorophores were
modified we also examined the photobleaching times. Figures 2.3E and F show a plot of
the survival time of individual molecules with an exponential fit of the intensity decay. The
plot shows the number of molecules remaining at each time point. Molecules in Al200 had
an average survival time of 31.4 ± 0.6 sec while those on a glass substrate had a survival
time of 46.5 ± 0.8 sec (Fig. 2.3E & 2.3F). Plotting the survival time versus the intensity of
individual molecules in a scatter plot shows no real difference between the two populations
(Fig. S2.2). The shortening seen in survival times indicates that the fluorophores in Al200
are experiencing a higher rate constant of excitation due to the metal structure. While single
molecules will cycle from the ground state to the excited state giving more opportunities
for photobleaching, we did not observe an increase in the emission intensity suggesting
that fluorophores are also coupling into a nonradiative decay pathway of the metal, which
would lower the fluorescence intensity. It is also possible that the directionality of the
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emitted light toward the detection path of the optical microscope resulted in lower rates of
detected emission. The presence of an alternate pathway to depopulate the excited state,
whether it quenches or enhances the fluorescence, can potentially extend the survival time
but not shorten it. Thus, the presence of a shortened survival time indicates enhanced
excitation. We also calculated the total number of detected photons (here defined as the
average intensity for each individual time trace multiplied by survival time) for each
molecule. The average number of photons detected for molecules on glass was 83,217 ±
92,000 while the average in the 200 nm Al ZMWs was 83,013 ± 114,000. Overall, there is
no significant difference in the emission of Atto647N in Al200 versus the glass control.
To determine if there was a wavelength dependence for Al ZMWs we extended
studies to Atto565 which emits at higher energy than Atto647N. Under 532 nm excitation
(2.8 µW), Al200 showed nearly a 3-fold difference in the average emission intensity
compared to that of the glass control. The average intensity for single Atto565 molecules
on a glass surface was 445 ± 266 cnts/sec, while the average for a fluorophore isolated in
Al200 is 1,271 ± 621 cnts/sec (Fig. 2.3C and D). A comparison of the average bleaching
time of Atto565 molecules showed a similar trend to what was seen with Atto647N. The
photobleaching curves for glass and aluminum show that Atto565 molecules photobleach
a bit sooner than those on a glass surface (55.7 ± 0.8 sec versus 66.3 ± 1.6 sec, see Fig.
2.3G and H). A scatter plot of intensity versus bleaching time for individual molecules also
shows that single Atto565 molecules appear to be much brighter than those found on a
glass coverslip (Fig. S2.3). Unlike what we observed for Atto647N, Atto565 molecules
have much higher average emission intensities in Al200 when compared to glass, but do
photobleach ~20% faster. The increase in emission intensity coupled with a faster
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photobleaching time suggests that molecules in the ZMW experience an enhanced
excitation rate constant and potentially emission side enhancement and/ or increased
directionally of the emission towards the detector. Previous studies that model fluorophore
behavior show wavelength dependent increased excitation and emission enhancement due
to the plasmonic properties of ZMWs103. In the absence of other factors, the increase in
excitation rate constant would lead to higher emission intensities and faster
photobleaching. The strong increase observed in emission intensity with Atto565 inside of
the Al ZMWs, with only a slight reduction in bleaching time, indicates a combination of
increased excitation and emission rate constants of the fluorophore. Coupling of the
emission into plasmon modes whether quenching or reradiating introduces an alternate
pathway for relaxation from the excited state reducing the likelihood of bleaching leading
to increased fluorophore survival time. Thus, plasmonic structures can lead to increased or
decreased bleaching times depending on the contributions of increased excitation rate
constants and coupling of the emission into plasmon modes. There is a ~150% increase in
detected photons for Atto565 molecules isolated in Al200 versus on a glass surface; the
average number of detected photons for a single Atto565 molecule on a glass surface is
23,951 ± 28,000 and 59,314 ± 53,000 in Al200. The strong emission enhancement for
Atto565 and the absence of enhancement for Atto647N fits well with the theoretical
influence of aluminum ZMWs103.
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of single fluorophores isolated on a clean glass surface. (D,H) Atto565 emission intensity
histogram and photobleaching curve, respectively, of single fluorophores isolated on the
glass bottom of 200 nm aluminum ZMWs (τPB values represent the average time for 63%
of the molecules to photobleach).
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2.3.c) Fluorophores in Au ZMWs. We fabricated gold ZMWs using E-beam

lithography as detailed in the methods section. Our final substrate contained arrays of 200
nm apertures with approximately 3.5 μm spacing. The same single molecule isolation
methods used for Al ZMWs were used for these 200 nm gold ZMWs (Au200). All
experimental parameters were held constant for the Au ZMW and the concurrently
performed control studies, and we used the same set of fluorophores (Atto647N and
Atto565) as we used for Al ZMWs. Using 640 nm CW excitation of 3 µW, we found that
the average fluorescence intensity for Atto647N fluorophores on a glass surface exhibited
an average intensity of 3,700 ± 1943 cnts/sec while the average intensity of the population
of fluorophores isolated in Au200 was 7,700 ± 3973 cnts/sec (Fig. 2.4A and B). To
determine if the observed enhancement affected the photostability of single fluorophores
we also measured the survival times. The exponential fit for photobleaching times
comparing Au200 (47.8 ± 0.8 sec) to the glass control (42.8 ± 0.9 sec) showed roughly a
10% increase in Au200 (Fig. 2.4E & F). The average number of detected photons per single
molecule on a glass surface is 163,000 ± 215,000 cnts/molecule while on Au200 the
average was 313,000 ± 445,000 cnts/molecule. Based on total number of detected photons
these results show a 2-fold enhancement as compared to the reference glass sample. The
2-fold higher average fluorescence intensity as compared to glass indicates that molecules
are likely experiencing an enhancement of the local excitation intensity. If the fluorescence
was being quenched, we should observe lower average fluorescence intensities. Here we
are likely coupling into a reradiative plasmon mode as evidenced by the increase in total
emitted photons. To test the spectral dependence of the plasmonic properties of Au200 we
also compared single Atto565 molecules isolated on a glass surface to those in Au ZMWs.

60

Using 532 nm CW excitation of 3 µW, we found that the average emission intensity
of Atto565 fluorophores isolated on a glass surface was 1,200 ± 498 cnts/sec while those
in Au200 had an average intensity of 1,300 ±832 cnts/sec. Based on average count rates
there was no apparent enhancement (Fig. 2.4C and D). An exponential fit of the bleaching
times showed an increase in the stability of Atto565 molecules in Au200 as compared to
glass (Fig. 2.4G and H). We also calculated the total number of detected photons from each
individual molecule. The average number of detected photons on a glass surface was
38,000 ± 37,000 and for Au200 the average number was 52,100 ± 47,000. Emission side
enhancement can be inferred from the increased photobleaching time. Thus, single
molecule emission in gold ZMWs leads to enhanced emission for both Atto565 and
Atto647N. However, the enhancement for Atto565 is much lower than found for molecules
with red shifted emission. The observation of lower level of enhancement for higher energy
emission (Atto565) as compared to emission at longer wavelength (Atto647N) fits well
with calculations that showed the maximum enhancement properties in gold ZMWs fall at
longer wavelengths than aluminum103.
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single fluorophores isolated on a clean glass surface. (D,H) Atto565 emission intensity
histogram and photobleaching curve, respectively, of single fluorophores isolated on the
glass bottom of 200 nm gold ZMWs (τPB values represent the average time for 63% of the
molecules to photobleach).
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2.3.d) Single molecule fluorescence lifetimes. We also compared the fluorescence

lifetime of Atto647N in Al ZMWs, Au ZMWs, and on glass substrates. The lifetime
measurements for single molecules were fit to an exponential decay and plotted in a
histogram to determine the average lifetime. Figure 2.5A shows a fluorescence lifetime
image of well dispersed single Atto647N molecules on a glass substrate. This plot shows
the average of the mean arrival times between the photon and the laser pulse. For glass this
indicates a lifetime near 4 ns, near 3 ns for gold (Fig. 2.5I), and under 2 ns for aluminum
(Fig. 2.5E). To quantify the lifetimes we extracted individual time traces (Fig. 2.5B) and
lifetime histograms (Fig. 2.5C) and fit the each lifetime decay to an exponential decay
function. The average fluorescence lifetime on a glass surface is 3.8 nanoseconds (Fig.
2.5D). This matches the bulk decay time and previous single molecules studies181. The
same measurements performed in Al200 and Au200 show that the average fluorescence
lifetimes for both are significantly different than the glass surface (Fig. 2.5H and L). The
lack of an increase in the average emission rate in Al ZMWs coupled with the decrease
seen in the fluorescence lifetime indicates that molecules likely undergo relaxation through
an additional nonradiative decay pathway. Efficient coupling into an alternate relaxation
pathway would lead to the shorter observed lifetimes and the decrease in total emitted
photons indicates a plasmon mode that quenches fluorescence. At the same time, the
increased emission intensity seen for molecules in Au ZMWs coupled with the shortening
of the decay rate constant suggests coupling into plasmon modes that lead to emission side
enhancement. The longer lifetime seen in Au versus Al ZMWs also suggests that the
coupling in the quenching mode of the Al ZMW is more efficient than the reradiative mode
in Au ZMWs.
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Figure 2.5 Fluorescence Lifetime images (FLIM) of isolated single Atto647N
fluorophores (A, E, I), with representative time traces (B, F, J), fluorescence lifetime
decays (C, G, K), and fluorescence lifetime histograms for each population (D, H, L) of
glass, 200 nm aluminum ZMWs, and 200 nm gold ZMWs, respectively. The color maps in
both FLIM images for molecules isolated in the metal ZMWs show definite shortened
lifetime, indicative of coupling into a faster decay pathway.
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2.4) CONCLUSIONS
We compared the ability of gold and aluminum ZMWs to influence the emissive
properties of immobilized fluorophores from 2 different spectral regions. Single Atto647N
molecules showed similar fluorescence intensities in 200 nm aluminum ZMWs compared
to glass. An observed overall reduction in photostability indicates potential quenching,
however, a comparison of total emission from single molecule population reveals a roughly
identical number of detected photons. This implies a combination of excitation
enhancement and quenching that leads to no net enhancement. Aluminum appears to be
much better suited for fluorophores excited in the green region of the visible spectrum. A
3-fold enhanced fluorescence intensity compared to glass with minimal reductions in
photostability led to 2 to 3-fold more photons from single Atto565 molecules in 200 nm
aluminum ZMWs. Overall Al ZMWs only enhanced ATTO565 (2.5-fold), while Au
ZMWs enhanced both ATTO565 (1.4-fold) and ATTO647N (2-fold). The lack of
enhancement in the red region does not eliminate the capability to perform single molecule
measurements as evidenced by a wide range of studies that have utilized these
commercially available Al ZMWs. They are widely used due to their positive aspects, such
as the ability to overcome the single molecule concentration barrier. Au ZMWs are better
suited for single molecule studies at the lower energy end of the visible spectra based on
the 2-fold enhancement observed here, while Al ZMWs appear to be more ideal for the
mid-visible region.
2.5) SUPPORTING INFORMATION
2.5.a) Substrate preparation. Glass and ZMW substrates were sonicated in 5 M

NaOH for a period of 60 minutes at 50 ˚C followed a by thorough rinsing with Barnstead
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GenPure 18 MΩ pure DI H2O water system and 100% EtOH. The substrates were dried
with N2 gas and then sonicated for an additional 60 minutes in 0.1 M HCl at 50˚C. The
substrates were rinsed and dried in the same way, and then finally plasma cleaned with a
Harrick PDC-32G using the high setting for a period of five minutes to ensure that there
are no remaining organic impurities left on the surface.
2.5.b) Fabrication of zero-mode waveguides using E-beam lithography and a
negative resist. The high resolution negative tone E-beam resist NEB22A (Sumika Corp.)

was chosen to fabricate 200 nm gold ZMWs. 22 mm square glass coverslips are cleaned
according to the method in the section above. The Microprime primer P20 adhesion
promoter is added to the coverslips for a period of 10 seconds before spinning off the excess
solution at 2000 rpm for a period of 45 seconds. NEB22A is immediately added to the
coverslip and spun for 45 seconds at 2000 rpm, followed by baking at 110 ºC for 2 minutes.
The samples are loaded into the JEOL JBX-9300FS E-beam lithography system and
patterned with a dose of 80 µC/cm2. Once the samples are patterned it is necessary to
perform a post-exposure bake for 4 minutes at 95 ºC before development. Coverslips are
then developed for 30 seconds using Microposit MF-321, rinsed with deionized water,
isopropanol, and dried with N2 gas. NEB22A is very sensitive to light and should be
protected at all times leading up to development, and too much pressure from N2 gas can
cause the removal of features from the coverslip.
With the features developed onto the coverslip, each sample was exposed to a low
intensity oxygen plasmsa in the Oxford Plasmalab System 100 reactive ion etcher for a 6
second descum. Next, a 5 nm adhesion layer of chromium and 100 nm layer of gold are
deposited onto the surface of the coverslip using a JEOL dual source E-beam evaporator;
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100 nm of other metals such as aluminum can also be deposited in place of the chromium
and gold layers. Liftoff of the NEB22A cross-linked pillars is performed in 2 steps. The
first is to soak the samples in Microposit Remover 1165 (NMP) for 30 minutes at 70 ºC to
remove the negative resist from within the ZMWs. The second step is to sonicate the
samples in NMP for an additional 30 minutes to remove the metal caps deposited on the
top of the ZMW. The final product leaves very nice, round 200 nm features.
2.5.c) Surface functionalization. A solution of 2 mg/mL of this Silane-PEG-Biotin

in 95% EtOH was added to the glass surface for a period of 30 minutes, and then rinsed
thoroughly with 1X phosphate buffer solution (PBS). Next 100 µM Neutravidin in 1X PBS
was added to the substrate for a period 2 hours and then rinsed thoroughly with PBS. The
aluminum substrates purchased from Pacific Biosciences were prefunctionalized with
biotin upon arrival; consequently the functionalization process for these substrates began
with the binding of neutravidin in the same way as above.
2.5.d) Binding single dye molecules. Bound neutravidin molecules can be labeled

with up to three additional biotin molecules, so biotinylated dyes were diluted in a solution
of nonfluorescent biotin to reduce the possibility of multiple dye molecules binding in the
near vicinity of one another.
Glass substrate: 100 pM biotinylated Atto-647N:100 nM Biotin in 1X PBS added to the
surface for a period of 5 minutes, followed by a thorough rinsing with 1X PBS.
Gold substrate: 1 nM biotinylated Atto-647N: 100 nM Biotin in 1X PBS added to the
surface for a period of 5 minutes, followed by a thorough rinsing with 1X PBS.
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Aluminum substrate: 1 nM biotinylated Atto-647N: 100 nM Biotin in 1X PBS added to the
surface for a period of 10 minutes, followed by a thorough rinsing with 1X PBS.
2.5.e) Data collection: CW setup. Substrates (either aluminum ZMWs, gold ZMWs

or glass) are placed on top of a motorized Pryor stage where the surface is focused using a
60X 1.45 NA Numerical Aperture (NA) oil immersion objective with low intensity
epifluorescence illumination (total internal reflection fluorescence illumination for glass).
Individual molecules are placed in the path of the predetermined position of a shuttered
confocal beam. Once isolated in the appropriate position the epifluorescence beam is
shuttered and detection is begun with the two avalanche photodiodes (APDs). The confocal
beam is focused on the surface where the photons from the fluorescent molecule are
detected. Roughly 100 molecules were collected on each substrate (glass, Al200, and
Au200) for both dye molecules. For studies comparing Al200 and Au200 to glass, 1.5 μW
of power for both 640 nm and 532 nm excitation. For all Atto647N studies a 664 nm longpass emission filters were used (brightline), and a 575 ± 20 nm emission filter was used for
all Atto565 studies. Representative time traces comparing metallic ZMWs to the glass
control for both metals and both colors can be found in figure S2.1. Scatter plots showing
single molecule survival times versus fluorescence intensity for red excitation studies
comparing aluminum versus glass and gold versus glass can be found in figure S2.2 and
S2.4, respectively. Scatter plots showing single molecule survival times versus
fluorescence intensity for green excitation studies comparing aluminum versus glass and
gold versus glass can be found in figure S2.3 and S2.5, respectively.
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2.5.f) Data collection: pulsed setup. Substrates (either ZMWs or glass) are placed

onto a piezo stage (Physik Intrumente P5173CL) and raster scanned with a confocal beam
passing through sing a 635 nm pulsed diode laser (Picoquant, LDH-P-63) which was
filtered with an excitation filter (Semrock LD01-640/8-25), single molecules were selected
from the raster scanned image and exposed until photobleaching. The emitted signal passed
through the same two emission filters (Semrock BLP01-647R-25) and then a 50/50
beamsplitter which sent half of the signal through a second 50/50 beamsplitter to two
avalanche photodiodes (APD, Perkin-Elmer CD3226), and the other half of the signal was
sent to a spectrometer (SP 2356 spectrometer with 1-030-500 grating 300 g/ mm centered
at 700 nm)133 to measure the amplitude and energy of the emitted signal. Roughly 100
molecules were collected for each substrate type (glass and Al200). A histogram for the
antibunching studies that compare the ratio of the antibunching central peak (NC) to lateral
peaks (NL) can be found in figure S2.6.
2.5.g) Data collection: fluorescence lifetime imaging. Substrates (either ZMWs or

glass) are placed onto a piezo stage (Mad City Labs) and raster scanned with a pulsed
confocal beam (635 nm) passing through a 60X 1.45 NA oil immersion objective to build
up to a 40 µm X 40 µm image. Fluorescence lifetime images (FLIM) were used to identify
and expose single Atto647N fluorophores using a 635 nm pulsed diode laser (Picoquant)
which was filtered with an excitation filter (Semrock, 640/10) Fluorescence lifetimes were
collected for 80-100 single molecules until photobleaching occurred on glass, Al200, and
Au200. Table S2.1 shows a summary of all results collected with our CW excitation setup
and single molecule lifetime setup, where fold enhancement is reported if observed.
2.5.h) Supporting figures.
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Figure S2.1 Representative intensity versus time traces comparing fluorophores isolated
on a glass coverslip (Black Squares) and in metal ZMWs (Red Circles). Comparison for
Atto647N molecules isolated on glass versus (A) in 200 nm aluminum ZMWs, and (B) in
200 nm gold ZMWs. Comparison for Atto565 molecules isolated on glass versus (B) in
200 nm aluminum ZMWs, and (D) in 200 nm gold ZMWs.
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Figure S2.2 Scatter plot comparison of photobleaching times versus average
fluorescence intensities for single Atto647N molecules; red circles indicate molecules
isolated at the bottom of 200 nm aluminum ZMWs and black squares indicate molecules
isolated on a clean glass surface.
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Figure S2.3 Scatter plot comparison of photobleaching times versus average
fluorescence intensities for single Atto565 molecules; red circles indicate molecules
isolated at the bottom of 200 nm aluminum ZMWs and black squares indicate molecules
isolated on a clean glass surface.
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Figure S2.4 Scatter plot comparison of photobleaching times versus average
fluorescence intensities for single Atto647N molecules; red circles indicate molecules
isolated at the bottom of 200 nm gold ZMWs and black squares indicate molecules
isolated on a clean glass surface.
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Figure S2.5 Scatter plot comparison of photobleaching times versus average
fluorescence intensities for single Atto565 molecules; red circles indicate molecules
isolated at the bottom of 200 nm gold ZMWs and black squares indicate molecules
isolated on a clean glass surface.
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Figure S2.6 Histogram of NC/NL ratios for single Atto647N molecules isolated on a
glass surface. Each of these molecules were exposed to 3.3 µW 635 nm pulsed excitation
until photobleaching. The statistical average of NC/NL ratios for the population was 0.23.
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[3] 3-D Characterization of Fluorescence Enhancement in Over-Etched Gold ZeroMode Waveguides

3.1) INTRODUCTION
Zero-mode waveguides (ZMWs) have received large amounts of attention
recently for their plasmonic properties and spatial isolation capabilities 16, 44, 62, 64, 78, 86, 9293, 99, 112-113, 122, 131, 169, 180-181, 188-189

. These substrates are ideal for monitoring single

molecule level diffusion events at high concentrations78, 86, 99, 111-112, 188-189, characterizing
DNA sequences62, 64-66, single fluorophore and protein isolation92-93, 121, 131, 180-181, and
live-cell imaging with single receptor resolution44. Their success with solving a large
number of biological problems has prompted the development of hybrid ZMWs to better
suit specific needs. Some hybridizations have focused on maximizing fluorescence
emission87-88, 104, 121, while others have concentrated on boosting the spatial freedom of
ligands to image more complex interactions with high resolution122.
Additional ZMW complexity requires more extensive characterization studies to
understand the effect of these different ZMW types on the fluorescence properties of
nearby fluorophores. For example, an array of aluminum ZMWs with a single molecule
isolation plane that is 60 nm below the glass-metal interface, termed over-drilled or overetched, has shown to enhance the fluorescence of protein-protein interactions (compared
to traditional ZMWs) upon 532 nm excitation121. Overdrilled ZMWs appear to provide
increased signal-to-noise ratios potentially through fluorescence enhancement, however a
lack of appropriate photophysical data leaves open the question as to what type of
enhancement is occurring. Understanding the full photophysical effect of different ZMW
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structures on single emitters is important to optimizing substrates for biological
applications.
Other questions arise when observing previously conducted single molecule
characterization experiments of traditional ZMWs. In the case of red-emitting dye
molecules in 200 nm aluminum ZMWs fluorescence correlation spectroscopy (FCS)
studies reveal enhancement189, some isolated single molecule studies reveal fluorescence
quenching93 while others illustrate no change92. There is one glaring difference between
the characterization of red-emitting fluorophores in each of these studies that may be
causing such a wide range of results. The imaging plane (in the Z direction) is vastly
different in each of the three cases. FCS based studies measure an average signal across
the entire volume of the ZMW, while the two isolation based characterization methods
have fixed fluorophore binding heights; one uses an isolation height that is the sum of a
silanized biotin bound to a neutravidinated DNA origami structure (quenching), while the
other is the sum of a silanized biotin with neutravidin (no change). It is difficult to make a
general claim regarding the percentage enhancement or quenching of single molecules by
a ZMW, because any change to the single molecule isolation technique could lead to a
drastically different result. While the radially dependent nature of a ZMW has prompted
thorough photophysical characterizations in the X-Y directions, experimental reports
which investigate photophysical fluctuations in the Z direction with the same vigor, are
noticeably absent.
We have conducted a 3 dimensional characterization of the X-Y and Z directions
for fluorophores isolated in 200 nm gold ZMWs. This study compares the changes in
fluorescence emission for two separate dye molecules, Atto550(Atto-tec) and Atto647N
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(Atto-tec), by isolating single fluorophores to glass coverslips and comparing
fluorescence properties when isolated in standard 200 nm gold ZMWs (AuSTD), 40 nm
over-etched 200 nm gold ZMWs (Au40OE), and 80 nm over-etched 200 nm gold ZMWs
(Au80OE) (Fig. 3.1). A direct comparison between single emitters isolated in ZMWs of
all three types revealed insight regarding specifications needed during future project
development. Our aim was to move beyond simple X-Y plane compositional
comparisons of ZMWs to supply new details which concern the height at which a study is
being conducted that provides a maximum a signal-to-noise ratio.
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3.2) EXPERIMENTAL METHODS
3.2a) 200 nm gold ZMWs over-etched (OE) fabrication. Gold ZMWs (200 nm

diameter) were fabricated by following similar patterning techniques as previous works92,
140

. The high resolution negative tone E-beam resist NEB-22A (Sumika) was used to

pattern several arrays of 200 nm diameter NEB-22A pillars (totaling 105) on a single 22
mm2 glass coverslip. In this study, we modified the protocol from a previous technique92
to develop hybrid gold ZMWs with a single molecule isolation plane 10’s of nanometers
below the glass-metal interface. Reactive ion etching (RIE) and profilometry (Fig. 3.2KN) were used to bolster the established technique and ensure that the modifications had
been a success.
Glass coverslips (#1.5) were cleaned, spin-coated, baked, patterned and developed
according to the protocol in 2.2.a (Fig. 3.2A & B). Next, the substrates were descummed
in an RIE for a period of 6 seconds to remove any remaining residue from the
development process and were then loaded into an E-beam evaporation chamber to
deposit a 5 nm chromium adhesion layer and gold. The deposition thickness of the gold
layer varied between 100 nm, 140 nm (Fig. 3.2C), and 180 nm (Fig. 3.2D) depending on
the substrate being fabricated. The gold ZMWs were submerged in Microposit Remover
1165 (NMP) at 70 °C for 60 minutes, followed by sonication in NMP for 60 minutes.
This process breaks any metal caps that form on top of the NEB-22A pillars and removes
the resist from the ZMWs (Fig. 3.2E & F).
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Figure 3.2 (A,B) 200 nm diameter NEB-22A pillars of ~400-500 nm in height. 5 nm
chrome and 140 nm (C) or 180 nm (D) of gold are evaporated onto the substrate. (E,F)
Liftoff of the resist is performed with Microposit Remover 1165. All exposed areas on
the substrate are argon plasma etched by 40 nm (G) or 80 nm (H). The final product is
100 nm thick gold ZMW array (200 nm diameter features) with a single molecule
isolation plane that is 40 nm (I) or 80 nm (J) below the glass metal interface. (K)
Profilometer thickness measured before a 40 nm RIE plasma etch (Blue) and after
(Orange). (L) Profilometer thickness measured before an 80 nm RIE plasma etch (Blue)
and after (Orange).
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Over-etched (OE) substrates were fabricated by using an RIE with argon plasma
to etch the ZMW substrates with 140 nm (Fig. 3.2G) and 180 nm (Fig. 3.2H) gold films
down to a final thickness of 100 nm. The physical etching properties of an argon plasma
etched the gold layer and glass (at the bottom of the ZMWs) at a 1:1 ratio. For example,
the use of plasma to reduce a 140 nm thick gold layer to 100 nm should also reduce the
height of the glass at the bottom of the well by ~40 nm. The same process was performed
with 180 nm thick substrates to etch the bottom of the well by ~80 nm. This created gold
ZMWs with single molecule isolation planes 40 nm (40 OE) (Fig. 3.2I) and 80 nm (80
OE) (Fig. 3.2J) below the glass-gold interface. Gold film thicknesses were confirmed
before and after the etching process with a stylus profilometer at the Center for
Nanophase Materials Sciences (CNMS-ORNL).
3.2.b) Isolating single molecules. Single fluorophores were isolated to each of the

four substrates (clean glass coverslip, standard 200 nm gold ZMW (AuSTD), 40 nm OE
200 nm gold ZMWs (Au40OE), and 80 nm OE 200 nm gold ZMWs (Au80OE)) by using
an biotin-avidin linker chemistry92. Biotin has an extremely high affinity for avidin and
can bind to any one of its four reactive sites, which allows for a stepwise linker chemistry
process. Substrates were cleaned according to the protocol in section 2.2.a and
functionalized with biotin-PEG-silane (Laysan Bio), neutravidin (Sigma Aldrich), and
mPEG-thiol (Laysan Bio, ZMWs only) according to section 2.2.b.
Two different biotinylated fluorophores were used to gauge the 3 dimensional
characteristics of the surface plasmon’s interaction with light and excited dipoles in gold
ZMWs. Atto550-biotin (Atto-tec) and Atto-647N-biotin (Atto-tec) were chosen as the
probes to measure changes in fluorescence at different depths in the ZMW for 532 nm
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and 640 nm excitation, respectively. These fluorophores were diluted to single molecule
concentrations and bound to the substrate surface by following the same protocol as was
used in section 2.2.b.
3.2.c) Single molecule data acquisition. Time-tagged fluorescence data was

collected by using a custom built confocal microscopy setup with an Olympus IX83 dual
stack system. 532 nm and 640 nm excitations were performed with a SuperK Extreme
supercontinuum free space pulsed laser source with double excitation filters of
ZET532/10 (Chroma) and ZET640/10 (Chroma) for their respective wavelengths. The
power used for all 532 nm excited single molecule studies was 1.5 µW for a diffraction
limited spot measured at the objective (Olympus 1.45 NA Oil), and the power for all 640
nm excitation studies was 3.0 µW measured at the same objective. Free space emission
passed through a 100 µm pinhole followed by two emission filters for 532 nm excited
fluorophores (ET575/40m, Chroma) and two emission filters for 640 nm excited
fluorophores (ET667/30). Single photons were collected using avalanche photodiodes
(APDs), which convert emitted light to electrical signals and sends it to a Picoharp 300
photon counter (Picoquant). The Picoharp 300 time-tagged each occurrence and the
electrical signals were converted to digital and sent to a PC where they were visualized in
real-time (100 ms refresh rate) using the Symphotime 64 software (Picoquant).
Single molecules were located with the help of two stages mounted to the
Olympus IX83; a motorized prior stage which was used for rough X-Y adjustments and a
piezoelectric nanopositioning X-Y stage (Mad City Labs) that was used for image
formation. The piezostage scanned across 40-60 µm2 areas with a 4 ms dwell time, and
communicated with both the Picoharp 300 and the PC to assign photons to a specific
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pixel in the image (refer to Fig. 1.9). When the image scan had completed, single
molecules were selectively moved into the path of a shuttered confocal beam (532 nm or
640 nm) so that data acquisition could begin. Once data collection had commenced, the
confocal beam was unshuttered and exposed each single molecule for at least 10 seconds
beyond its survival time. Single molecule fluorescence intensities, survival times, and
fluorescence lifetimes were extracted from the acquisition for analysis. Roughly 100
single molecules or more were collected and analyzed for both fluorophores in all four
substrates.
3.2.d) Data analysis. Single molecule data was analyzed using the Symphotime

64 software to gauge average fluorescence intensities, survival times, and fluorescence
lifetimes for Atto550 or Atto647N isolated on four separate substrates (glass coverslips,
AuSTD, Au40OE, and Au80OE). Averages for relative fluorescence intensities (average
fluorescence intensity of the molecule during emission minus the fluorescence
background) were calculated and reported as counts/second. Single molecule survival
times were calculated by subtracting the acquisition time before the laser is unshuttered
from the point at which the fluorophore photobleaches. Fluorescence lifetimes were
calculated by fitting a reconvoluted exponential decay to the lifetime histogram of a
single molecule in the Symphotime 64 software.
Values were exported to Microsoft excel where outliers were removed from the
raw data which were greater than two standard deviations away from the mean and had a
Gcritical value that was lower than the G value during a Grubb’s test. Single molecule
survival times were sorted in ascending order and counted by how many molecules were
present at time t=0, and then recounted for the number of molecules that had not yet
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photobleached in each successive second. For example, if there were 10 molecules in a
population and only 3 had a survival time of 2 seconds or less, then time t=0 would have
been counted as 10 molecules remaining and time t=2 would have seven molecules
remaining. This process was continued until a time was reached where the number of
molecules which had not yet photobleached is zero. Outlier subtracted data was
transferred to OriginPro8 (Origin Labs) where relative fluorescence intensities and
fluorescence lifetimes were histogrammed, and the single molecule survival times were
curve fitted to an exponentially decaying scatter plot.
The total number of detected photons for each single molecule isolated in a ZMW
(AuSTD, Au40OE, Au80OE) were compared to the average found for the entire
population of emitters isolated on a glass coverslip for Atto550 and Atto647N. Each
single molecule was assigned to one of three categories based on its number of photons
emitted when compared to the average on a glass control:
1) <30% below the mean value on glass
2) ≥30% below and ≤30% above the mean value on glass
3) >30% above the mean value on glass.
This allowed us to sort each fluorophore based on whether it emitted less photons than
the control (1), roughly the same number of photons as the control (2), or more photons
than the control (3). For this study, we defined the threshold for emission enhancement to
be any instance where a fluorophore’s total number of detected photons was greater than
30% of the mean value on a glass control, and quenched emission was defined as 30%
below the same mean value.
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In an effort to understand more about the types of quenching or enhancement that
were taking place for each single molecule, we compared their fluorescence lifetime with
an average value found from the population on a glass coverslip. We broke the molecules
from groups (1) and (3) down into sub-sections that separated the single molecules which
experience quenching or enhancement due to faster decay pathways versus those that do
not. An emitter had to be at least two standard deviations away from the mean for it to be
classified as utilizing a new decay pathway. Group (2) was sorted based on whether a
molecule experienced excitation enhancement (higher fluorescence intensity and lower
survival time than the average on glass), exhibited identical behavior to glass (within
±30% of the averages on glass for survival time, fluorescence intensity, fluorescence
lifetime, and detected photons), or multiple ZMW modifications (anything that could not
be sorted based on the first two criteria). If changes in the height of a ZMW isolation
plane cause greater signal-to-noise ratios121, then this analysis would not only reveal the
degree of enhancement, but also identify any shifts in the type of enhancement as well.
3.3) RESULTS AND DISCUSSION
3.3.a) Atto550 characterization in hybrid AuZMWs. We used single Atto550 dye

molecules to probe the surface of AuSTD, Au40OE, and Au80OE with 1.5 µW 532 nm
excitation. The fluorescence properties of each population in all three ZMW etch depths
were compared to a control population of Atto550 fluorophores isolated on a glass
coverslip. Each report of enhancement, quenching etc. are based on a direct comparison
between average values from a population in one ZMW etch depth and the glass control,
unless otherwise stated. Figure 3.3A-D reveals that the average fluorescence intensity for
a single Atto550 emitter on a glass surface is 471 ± 312 cnts/sec, while averages for
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AuSTD, Au40OE, and Au80OE are 596 ± 384 cnts/sec, 607 ± 363 cnts/sec, and 594 ±
399 cnts/sec, respectively. This means that the average fluorescence intensity for all three
AuZMW substrates is increased by ~27% compared with the control, but no clear
difference in emission intensity between one ZMW type or another. The increased
intensity implies some type of enhancement (excitation, decay rate, directional), but it
does not reveal enough information to discern which is the most prominent.
The addition of average survival times for each population provides us with a
clearer picture regarding the type of enhancement that is occurring in each ZMW
substrate. The average survival times for each of the four populations (Fig. 3.3E-H) on
glass and in AuSTD, Au40OE, and Au80OE were 35.30 ± 0.37 sec, 37.41 ± 0.79 sec,
20.84 ± 0.38 sec, and 46.80 ± 0.44 sec, respectively. Atto550 molecules in AuSTD
indicate no real change in survival time when compared to the glass control, and the lack
of drop or increase in photostability points towards directional enhancement as the
primary cause for an increased fluorescence intensity; decay rate enhancement reduces
the likelihood of an electron relaxing into a reactive triplet state (should increase average
survival time), and excitation enhancement would induce molecular photobleaching at a
much faster rate. Atto550 molecules in Au40OE and Au80OE on the other hand,
illustrate textbook examples of excitation enhancement and decay rate enhancement,
respectively. As is expected with a molecule that experiences excitation enhancement, the
population in Au40OE has an amplified fluorescence intensity accompanied with a much
shorter survival time. This type of enhancement merely shortens the time spent by an
emitter’s electron in the ground state, but does nothing to the ratios between decay
pathways in the first excited state, which means that it will likely transition to a reactive
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triplet state sooner than normal. The lack of balance between the magnitude of increased
fluorescence intensity versus glass with the degree of its reduction in survival time
implies that Au40OE may lead to a slight quenched emission of Atto550 emitters. The
population of Atto550 molecules in Au80OE however, revealed both an increased
fluorescence intensity and survival time, which implies that not only is the rate of
detected emission higher, but there also appears to be a strong change in the decay
pathways towards emission enhancement; something (most probably a new decay
pathway) is increasing the average survival time of Atto550 in Au80OE by 33%
compared to the control, and it appears to be simultaneously emitting photons at a greater
rate. This information points to a new (faster) decay pathway within Au80OE that
appears to be fluorescent in nature.
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emission intensity histogram and photobleaching curve, respectively, of single
fluorophores isolated on the glass bottom of 80 nm over-etched (200 nm diameter) gold
ZMWs(τPB values represent the average time for 63% of the molecules to photobleach).
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To reinforce the claim of emission side enhancement for AuSTD and Au80OE we
performed a direct comparison between the average number of detected photons for the
population of single molecules in each of the four cases. The relative fluorescence
intensity (cnts/sec) for each single molecule in a population was multiplied with its
survival time (sec) to reveal the number of detected photons for each single molecule in
all four populations, and their average values were compared in a bar graph (Fig. 3.4).
The average number of detected photons for single Atto550 molecules isolated on a glass
coverslip, in AuSTD, Au40OE, and Au80OE is 13,367 ± 15,770 counts, 19,346 ± 22,971
counts, 11,648 ± 14,506 counts, and 21,972 ± 21,924 counts, respectively. These values
are in good agreement with our initial claims that only AuSTD and Au80OE appear to
lead to emission enhancement; AuSTD and Au80OE tend to lead to increases in total
number of detected photons for a single Atto550 fluorophore by 45% and 64%,
respectively. These details implied that there was a definite emission enhancement type
modification taking place within these two substrates, the next challenge was to
determine whether it is based on the directional enhancement of emitted photons or the
coupling of the fluorophore into faster decay pathways. Also, the average number of
detected photons for Atto550 in Au40OE did not seem to lead emission enhancement, in
fact, it led to an average quenching of about 13% when compared to the glass control
(confirming our initial suspicion). The lack of emission enhancement in Au40OE was not
surprising based on the reported averages for fluorescence intensities and survival times
(Fig. 3.3C & G), which indicated excitation enhancement.
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Figure 3.4 Representative bar graph that illustrates the normalized comparison
(normalized to glass) for enhancement or quenching between single Atto550 molecules
isolated in AuSTD, Au40OE, or Au80OE.
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3.3.b) Atto550 fluorescence lifetime comparison. Each Atto550 molecule in these

studies were exposed to pulsed excitation to simultaneously collect fluorescence lifetime
information along with the fluorescence intensities and survival times. Unlike excitation
enhancement, which can usually be inferred based on fluorescence intensity and survival
time values, emission side enhancement needs more information to separate decay rate
enhancement from directional enhancement. Directional, or angular enhancement, occurs
due to an emitted photon’s interaction with the surface plasmon of the metal. This
interaction causes the photon to travel at a sharper angle towards the optical objective;
maximizing the likelihood that it will travel towards the detector. Directional
enhancement however, does not in any way manipulate the relaxation pathways of the
electron to the ground state as with decay rate enhancement. So shorter fluorescence
lifetimes for Atto550 in ZMWs versus the glass control would indicate decay rate
enhancement, while similar fluorescence lifetimes would indicate more of an angular
based enhancement.
The average fluorescence lifetimes found for Atto550 on a glass substrate,
AuSTD, Au40OE, and Au80OE are 3.3 ± 0.48 ns, 2.52 ± 0.54 ns, 2.44 ± 0.60 ns, and
2.59 ± 0.67 ns, respectively (Fig. 3.5A-D). This data indicated that the populations of
Atto550 in all three ZMW substrates were experiencing the effects of an additional
(faster) decay pathway. The fact the population of Atto550 molecules in Au40OE is
experiencing an additional decay pathway is in good agreement with our earlier
assessment that the fluorophores were likely experiencing emission quenching due to the
stark drop in average number of detected photons when compared to the glass control.
This data indicated that the quenched emission is most probably occurring due to
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coupling into a new nonradiative decay pathway of the ZMW. The comparison between
average fluorescence lifetimes of Atto550 populations in AuSTD (Fig. 3.5B) and
Au80OE (Fig. 3.5D) was more difficult to explain. While the average fluorescence
lifetime values in both cases indicated an additional decay pathway, the fluorescence
intensities and survival times for populations would indicate that only Atto550 molecules
in Au80OE would be experiencing a faster fluorescence decay pathway; unlike in
Au80OE, Atto550 molecules in AuSTD did not indicate any strong change in survival
time, which is a hallmark of faster decay pathways.
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A combination of the results for average fluorescence intensities, survival times,
and fluorescence lifetimes in each population of Atto550 molecules in the three AuZMW
substrates illustrate the likelihood of multiple effects occurring in the ZMWs at once.
Atto550 molecules in AuSTD show a high likelihood of directional enhancement based
on fluorescence intensities and survival times, but fluorescence lifetime averages
revealed strong connotations of coupling into a new decay pathway. The fluorescence
intensities and survival times of Atto550 molecules in Au40OE implied distinct
excitation enhancement characteristics, but had the shortest average fluorescence lifetime
of all three populations. Atto550 molecules in Au80OE, which was the outright favorite
for decay rate enhancement based on fluorescence intensities and survival times, showed
no real separation in fluorescence lifetime from the other ZMW substrates. In fact, upon
visual inspection of fluorescence lifetime histograms (Fig. 3.5), the bulk of the population
of Atto550 molecules in Au80OE appeared to more closely mimic the glass control than
AuSTD or Au40OE. This revelation was neither new nor exciting as radial dependencies
have been observed in ZMWs for years92-93, 181, but it did provide strong evidence that the
extraction of single value interpretations from a population which experiences
nonsingular behavior will distort the truth between interactions of nanostructures and
fluorophores.
3.3.c) Molecule-by-molecule characterization of Atto550 in AuZMWs. In order

to extract how often each of these behaviors were occurring in the three ZMW substrates,
we performed a molecule-by-molecule comparison of each Atto550 fluorophore to the
averages found on a glass coverslip. The total number of detected photons for each
emitter are categorized as below, equal to, or above the population average found on the
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glass control. Information regarding the criteria for placing fluorophores into a group can
be found in experimental methods section 3.2.c. The general assumption used was that if
the fluorophore emits a lower number of photons than the control then the emission is
quenched, while if a fluorophore emits more photons than the control it is accepted as
enhanced emission. Those which appear equal to the number of detected photons in the
glass control are assumed to either experience excitation enhancement, a combination of
multiple emissive modifications for both enhancement and quenching, or no effect from
the ZMW at all.
Illustrated by the data composing the bar graph of figure 3.6, the percentages of
enhancement to quenching for AuSTD, Au40OE, and Au80OE were 48.19% to 28.92%,
25.53% to 45.74%, and 53.76% to 30.11%, respectively. The ratios of these molecule-bymolecule groupings for enhancement versus quenching in each of the three AuZMW
substrates are in very good qualitative agreement with the bar graph comparing the
average number of detected photons between each substrate (Fig. 3.4). AuSTD and
Au80OE appear to be the stronger contributors of emission enhancement for Atto550
molecules, while Au40OE appears to lead to a loss of detected photons more often than
any other effect. Atto550 molecules isolated in Au80OE had a slightly higher likelihood
of leading to emission enhancement than AuSTD, but both seemed to be a much better
option than Au40OE.
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Figure 3.6 Representative bar graph that illustrates the molecule-by-molecule
comparison for each single Atto550 molecules in AuSTD, Au40OE, and Au80OE. Red
bars indicate the percentage of times in a population when single molecule emission was
quenched. Green bars indicate the percentage of times in a population when single
molecule emission experienced no change in the number of detected photons. Gold bars
indicate the percentage of times in a population when single molecule emission was
enhanced.

100

Molecules in each of the three categories (quenching, same as glass, and
enhancement) were broken down even further to determine the primary modification that
places a molecule in one of the three categories. Special attention was paid to whether or
not the quenching or enhancement of a molecule was accompanied by a faster decay
pathway. Figure 3.7A shows that in all three AuZMW substrates ~50% of the time that
an Atto550 molecule experiences quenching it was due to coupling into a faster
nonradiative decay pathway. The other 50% of the time there is no clear reason for why
this occurs, but one possibility was that the fluorophore was experiencing multiple decay
probabilities (fluctuating between normal and modified emission) which distorted its
fluorescence lifetime. The fluorophores that appeared to emit the same number of
photons as the glass control were scrutinized by determining if it had traits of excitation
enhancement (higher fluorescence intensity + shorter survival time), showed signs of no
apparent interaction with the ZMW (within range for averages in fluorescence intensity,
survival time, fluorescence lifetime, and detected photons), or some other unidentifiable
modification (any molecule that did not conform to one of the first two possibilities) (Fig.
3.7B). Ratios between excitation enhancement and other unidentifiable modifications
remained fairly constant across all three AuZMW substrates at about 1:1.5. It does appear
however, that among emitters which showed no change in the number of detected
photons, the likelihood of Atto550 molecules mimicking glass-like fluorescence
properties tended to increase in the over-etched ZMWs.
Regarding the type of enhancement that occurred most often in each of the three
AuZMW substrates, figure 3.7C revealed that that the vast majority of Atto550 molecules
in AuSTD, Au40OE, and Au80OE experienced directional enhancement rather than
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decay rate enhancement. In fact, for AuSTD and Au80OE (which actually provided an
overall enhancement) we found that of the molecules that actually experienced
enhancement for their respective populations, faster decay pathways were only present
30% and 18% of the time, respectively. This finding is not very surprising as AuZMWs
have shown theoretically103 that their maximum region for localized surface plasmon
resonance (LSPR) is in the red-near-IR region rather than the green. These results
revealed quite a bit about the behavior of an AuZMW surface plasmon in the geen region
of the visible spectrum:
1) The emission enhancement provided to fluorophores is highly directional in
nature.
2) There appears to be a ‘dead zone’ around the 40 nm etch depth, which leads to
high amounts of quenching.
3) Any increases to single molecule survival time in the over-etched AuZMWs are
more likely caused by decay pathways that lead to quenching rather than
enhancement.

102

103

population when single molecule emission was enhanced; horizontal lines indicate the
percentage of coupling into a faster decay pathway for decay rate enhancement, and the
interwoven pattern indicates directional emission enhancement.
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3.3.d) Atto647N characterization in hybrid AuZMWs. In addition to the over-etched

AuZMW characterization studies performed with green excitation, we also decided to
probe the same substrates with Atto647N fluorophores using 3 µW 640 nm pulsed
excitation. Average fluorescence intensities were extracted for populations of single
Atto647N molecules isolated on a glass substrate, in AuSTD, Au40OE, and Au80OE
(Fig. 3.8A-D) which were 1,252 ± 1,567 cnts/sec, 4,037 ± 4,683 cnts/sec, 3,784 ± 4,197
cnts/sec, and 876 ± 813 cnts/sec, respectively. These values indicate that single Atto647N
molecules in AuSTD and Au40OE had an increased average fluorescence intensity of
222% and 202%, respectively, when compared to the glass control. Au80OE seemed to
reduce the average fluorescence intensity of Atto647N molecules by 30% when
compared to the population on a glass coverslip. Without analyzing any other data
besides the fluorescence intensities, it already appeared that AuSTD and Au40OE lead to
some type of enhancement (excitation, decay rate, directional), while Au80OE lead to
quenching.
Additional data provided by single molecule survival times allowed for early
predictions regarding the differentiation between excitation versus emission
enhancement, and if there appeared to be quenched emission in any of the three AuZMW
substrates. The average single molecule survival times for Atto647N isolated on a glass
surface versus in AuSTD, Au40OE, and Au80OE (Fig. 3.8E-H) were 89.8 ± 3.3 sec, 41.7
± 0.8 sec, 36.4 ± 0.6 sec, and 66.5 ± 2.7 sec, respectively. The average single molecule
survival times were much shorter for Atto647N in AuSTD and Au40OE than on the glass
control by 54% and 59%, respectively. While the reduced survival times and magnified
fluorescence intensities would normally indicate excitation enhancement, the increases to
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the average fluorescence intensities in both cases were much higher than the observed
reductions in average survival time for Atto647N. This meant that there was still a high
likelihood that both AuSTD and Au40OE were inducing some type of emission
enhancement upon their Atto647N populations when compared to glass. Au80OE did not
show the same type of promise for enhancement of Atto647N as the other two AuZMWs;
the reduced average fluorescence intensity and survival time pointed to a very strong
likelihood for emissive quenching of Atto647N.
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Atto647N emission intensity histogram and photobleaching curve, respectively, of single
fluorophores isolated on the glass bottom of 80 nm over-etched (200 nm diameter) gold
ZMWs(τPB values represent the average time for 63% of the molecules to photobleach).
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To quantify the amounts of emissive quenching or enhancement for Atto647N in each
AuZMW substrate, we measured the total number of detected photons for all four single
molecule populations, and extracted the average values for comparison. The average
values for populations on a glass control versus in AuSTD, Au40OE, and Au80OE were
normalized to the average number of detected photons on a glass surface and compared in
a bar graph (Fig. 3.9). AuSTD and Au40OE appeared to lead to 152% and 97% increases
in the average number of detected photons per single Atto647N molecule, respectively.
While it was not yet clear whether the enhancement in these two substrates was caused
by sharper angles of emitted photons towards the optical objective, or due to new (faster)
fluorescence decay pathways, both AuSTD and Au40OE seemed to lead to stronger
enhancement than was observed with Atto550. The emission of single Atto647N
fluorophores in Au80OE appeared to quench by 30% compared to the population on a
glass surface. There was already a clear difference forming for whether the over-etched
AuZMWs provide positive or negative emissive effects based on the spectral region of
the fluorophore that was being examined.
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Figure 3.9 Representative bar graph that illustrates the normalized comparison
(normalized to glass) for enhancement or quenching between single Atto647N molecules
isolated in AuSTD, Au40OE, or Au80OE.
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3.3.e) Atto647N fluorescence lifetime comparison. Simultaneous fluorescence

lifetime data was collected for each single Atto647N fluorophore from section 3.3.d, and
the average values were compared by examining histograms for each population (Fig.
3.10A-D). The average single molecule fluorescence lifetimes for Atto647N populations
on a glass coverslip versus in AuSTD, Au40OE, and Au80OE were 3.49 ± 0.30 ns, 2.48
± 0.57 ns, 2.58 ± 0.71 ns, and 2.51 ± 0.55 ns, respectively. These average Atto647N
lifetimes indicated that all three AuZMW substrates were providing decay pathways
which were between 25-30% faster than what was observed on a glass coverslip. As with
the faster fluorescence decay pathway found in Au40OE for studies with Atto550, this
new relaxation pathway in Au80OE was almost certainly nonfluorescent in nature,
leading to the quenching of fluorescence for Atto647N molecules. This claim was based
on strong evidence from lower average fluorescence intensities, survival times, and
number of detected photons per single molecule. The faster decay pathways observed for
Atto647N in AuSTD and Au40OE appeared to answer the question regarding the type of
emission enhancement; it seems very likely that both AuSTD and Au40OE were inducing
decay rate emission enhancement for single Atto647N fluorophores. However, as with
Atto550 studies in the green region of the visible spectrum, there appeared to be multiple
ZMW-based modifications to the populations of Atto647N in AuSTD and Au40OE.
Although it seemed fairly clear that both of these substrates induce decay rate
enhancement on Atto647N, the increases in average fluorescence intensities and
reductions to average survival times also indicated excitation enhancement. To truly
understand the nature between the interaction of single Atto647N fluorophores and all
three AuZMWs, each single molecule in the populations had to be scrutinized.
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3.3.f) Molecule-by-molecule characterization of Atto647N in AuZMWs. The same

placement criteria were followed for each single molecule in the AuZMW substrates as
was performed with Atto550 molecule-by-molecule studies. Atto647N fluorophores were
separated into three categories based on whether they were quenched, the same as glass,
or enhanced when compared to the population average of detected photons on a glass
coverslip. The percentages for enhancement to quenching of single Atto647N
fluorophores in AuSTD, Au40OE, and Au80OE (Fig. 3.11) were 56.38% to 29.79%,
42.86% to 32.77%, and 11.29% to 65.32%, respectively. These comparisons were in
good qualitative agreement with assumptions made from the population averages for
fluorescence intensities, survival times, fluorescence lifetimes, and number of detected
photons per single molecule. AuSTD and Au40OE appeared to hold a 56.38% and
42.86% chance, respectively, to lead to single molecule emission enhancement, while
Au80OE only appeared to induce emission enhancement 11.29% of the time. Another
interesting point to note is that among all enhancement/quenching effects in the three
AuZMW substrates (Atto647N or Atto550), the most common ZMW modification
appeared to be emission quenching of Atto647N by Au80OE.
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Figure 3.11 Representative bar graph that illustrates the molecule-by-molecule
comparison for each single Atto647N molecules in AuSTD, Au40OE, and Au80OE. Red
bars indicate the percentage of times in a population when single molecule emission was
quenched. Green bars indicate the percentage of times in a population when single
molecule emission experienced no change in the number of detected photons. Gold bars
indicate the percentage of times in a population when single molecule emission was
enhanced.
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Sub-categories were formed from the primary three (quenching, same as glass,
enhancement) for Atto647N in the same way as was conducted with Atto550; it was
important to discern how often the quenching or enhancement that occurred was caused
by faster decay rate constants, or through other means. The type of quenching for
Atto647N in the three AuZMWs was reported in figure 3.12A, and showed that the
majority for all three substrates was caused by coupling into faster decay pathways; of all
Atto647N molecules that experienced quenching in AuSTD, Au40OE, and Au80OE, the
percentage caused by new decay pathways was 85.71%, 58.97%, and 70.37%,
respectively. These values indicated stronger coupling of Atto647N into new decay
pathways of the three AuZMWs than was observed for Atto550 molecules. Regarding the
emitters which fell within the average range of detected photons as the glass control (Fig.
3.12B), each of the three AuZMW substrates allowed little to no glass-like behavior of
Atto647N. The ratio of excitation enhancement to multiple ZMW modifications appeared
to drop off as the etch depth increased within the AuZMWs; 1.2:1 for AuSTD, 1:1 for
Au40OE, and 1:6 for Au80OE. This would indicate that the strength of the quenching
component in AuZMWs extends further into the glass than the range for excitation
enhancement. One potential cause for the dramatic increase of emissive quenching to
Atto647N in Au80OE is due to the much larger glass isolation plane as compared to
AuSTD. The over-etched areas have cylindrical walls composed of glass, which can be
functionalized with the same single molecule linker chemistry as the bottom of the well.
This adds a 2.6-fold surface area increase for single molecule isolation on the side walls
of the cylinder, which is the most likely area for quenching to occur. If the single
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fluorophores can be prevented from binding on the side walls of the glass cylinder the
quenching of detected photons for Atto647N in Au80OE should be greatly reduced.
Unlike the AuZMW mechanism for emission enhancement of Atto550 molecules,
which induced directional/angular based enhancement of photons post-emission, the
mechanism provided by AuZMWs to Atto647N appears to be primarily decay rate
enhancement in nature. For all Atto647N molecules which experience enhancement in
AuSTD, Au40OE, and Au80OE, the percentage with which it originates from a faster
decay pathway is 69.81%, 54.90%, and 85.71%. This means that while directional
emission enhancement did seem to occur, the main cause for near-IR emission
enhancement of single fluorophores appeared to come the dipole-dipole coupling of the
excited fluorophore with the LSPR of the gold ZMWs. These results clearly show that the
magnitude of emissive modifications by AuZMWs is much stronger for Atto647N than
with Atto550, and that those modifications seem to operate through completely different
mechanisms.
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population when single molecule emission was enhanced; horizontal lines indicate the
percentage of coupling into a faster decay pathway for decay rate enhancement, and the
interwoven pattern indicates directional emission enhancement.
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3.4) CONCLUSIONS
We have fabricated 200 nm gold ZMWs and modified the height of their single
molecule isolation plane by using reactive ion etching. These substrates were compared
to traditional ZMWs by observing changes to the fluorescence properties of single
Atto550 and Atto647N dye molecules versus a glass control. AuSTD appears to increase
the magnitude of detected photons for Atto550 by 45% via directional enhancement, and
the likelihood that each single molecule will experience the enhancement is 48%.
Au40OE induces the quenching of detected photons for the population of Atto550
molecules by 13%, and the most probable outcome for each single molecule is a 46%
chance of photon reduction. Au80OE most often leads to the directional emission
enhancement of detected photons for Atto550 by 64%, and the probability that a single
emitter will experience that enhancement is 54%. AuSTD causes an overall increase in
detected photons per single Atto647N fluorophore by 150% via decay rate enhancement,
and the probability that a single molecule will experience it is 56%. Au40OE also induces
a decay rate enhancement for the number of detected photons from Atto647N by 97%,
and the percentage of time that a molecule will experience such an enhancement is 43%.
Au80OE leads to a decay rate induced quenching of detected photons for single
Atto647N molecules by 30%, and this quenching is likely to affect 65% of fluorophores
in a study. These results support previous claims that green and red exciting fluorophores
can achieve emission enhancement in gold ZMWs, and that the red region provides
greater enhancement[CITE]. They also reveal that unlike previous studies with overetched aluminum ZMWs with 60 nm etch depth maximum for fluorescence
enhancement121, the best etch depth for gold ZMWs appears to shift depending on the
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spectral region of the fluorophore. This calls for special care to be taken when choosing
the most appropriate ZMWs if they are to be used in a study.
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[4] Real-Time Sensing of Single Receptor-Ligand Interactions with Nanoaperture
Integrated Microfluidic Devices

4.1) INTRODUCTION
A wide variety of biochemical and microscopy based techniques have been
developed to monitor biological interactions3, 9, 11-13, 17-18, 22, 26, 34-37, 39, 41-42, 44, 47-50, 54-55, 59,
61-62, 64-66, 68, 71, 73, 91, 124, 128-129, 187

. Many of these techniques focus on understanding how

cells interact with their environment in order to interpret and translate extracellular
signals into intracellular messages3, 8-9, 11-13, 17-18, 22, 26, 34-35, 43-45, 48, 55, 71, 73, 117, 129, 187. Cell
surface receptors play a primary role in this process10, 12, 18, 26, 28, 44, 50, 53, 73, 127-128, 130. A
variety of structural, electrophysiological, and spectroscopic tools have been applied to
understand the events that mediate their function. Fluorescence microscopy is capable of
monitoring ligand interactions with cell surface receptors and in the case of ion channels
can even measure functional activity in the form of calcium imaging34, 127, 190-195.
Electrophysiology also provides functional information for ligand gated ion channels19,
196-205

. Fluorescence imaging and other complementary techniques provide remarkable

insight into ligand receptor interactions that initiate essential chemical and electrical
communication between the intracellular and extracellular environments. While these
approaches have added significant understanding of the structure and function of
receptors, most involve ensemble measurements that lack the specificity to monitor the
dynamics of individual receptor-ligand activity206-208.
Fluorescence based single molecule techniques have not been extended with the
same level of detail to proteins in live cells as they have to isolated proteins. Studies are
limited by intracellular autofluorescence, limited fluorophore brightness, membrane
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protein mobility on the cell surface, and high protein concentrations that are incompatible
with single molecule measurements. One approach to address these challenges has been
to use large but photostable labels such as quantum dots209, which has been utilized to
monitor membrane receptor mobility and can be used in some circumstances to examine
ligand interactions. Other approaches utilize dark-field microscopy and metal
nanoparticle local-field enhancement to provide single particle tracking without the
drawback of molecular photobleaching210-211. The large size of functionalized quantum
dots and their potential toxicity limit applications76. The isolation of small portions of the
cell membrane using nanoaperture arrays such as zero mode waveguides (ZMWs) has
also been used to study single receptors on the surface of live cells44. ZMWs are well
suited for single molecule studies and have been utilized for a variety of applications
including DNA sequencing16, 44, 52, 64, 92-93, 99, 104, 112-113, 121-122, 131, 180-181, 185-187. The small
spatial dimensions of the focal volume (10-21 L) allows for single molecule measurements
at micromolar concentrations by confining excitation within a small domain near the
entrance of the aperture112. This serves to isolate a single receptor on the surface of a cell
with proteins that are typically at higher levels than compatible with single molecule
studies. ZMWs have also been shown to enhance fluorescence signals of single molecule
fluorophores both for isolated molecules92-93, 131, 180-181 and those in solution78, 86-88, 99, 111,
188-189

. One major drawback of standard ZMWs is that they are not compatible with

monitoring ligand-receptor interactions as the glass substrate that serves as a base for the
ZMW makes them inaccessible to solution exchange. This restricts solution delivery from
one side of the aperture. For cell applications where the cell covers the array of holes44,
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membrane receptors isolated in plasma membrane domains within the wells are
completely inaccessible to solution exchange (Fig S4.1A).
In this work, we fabricated ZMWs on a 120 nm thick silicon nitride substrate
coated with a 100 nm thick gold layer and coupled this with a microfluidic device. This
approach provides the benefits of standard ZMWs such as isolating single proteins even
from high protein densities, limiting cellular autofluorescence and providing fluorescence
enhancement, while still retaining the freedom to separately monitor ligand fluorescence.
Gold ZMWs (230 nm diameter) were fabricated on ~120 nm thick low stress silicon rich
silicon nitride (SixNy) membranes (Fig. S4.1B). This hybrid ZMW SixNy membrane acts
as a support for the metal film in place of a glass coverslip, but because the SixNy
membrane is ≥1,400 times thinner the ZMW features can be patterned through it. The
hybrid membrane structure is plasma bonded with a microfluidic delivery system,
allowing cells to adsorb onto the SixNy side of the ZMW while solution can be delivered
from a microfluidic channel to the metal side of the membrane.
We demonstrate that our microfluidic-ZMW devices (mf-ZMWs) can be used to
image single molecule receptor-ligand interactions by localizing epidermal growth factor
receptors (EGFRs) within the ZMWs and delivering epidermal growth factor (EGF) via
the microfluidic channel (Fig. 4.1E). This enabled us to directly observe and quantify
binding and unbinding events at the single receptor level, which consequently allowed us
to determine ligand turnover based on single receptor interactions.
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Figure 4.1 (A) The gold coated Si3N4 membrane patterned with 200 nm diameter zeromode waveguides (ZMWs) is bonded to the underside of a polydimethylsiloxane
(PDMS) microfluidic delivery system using an oxygen plasma. (B) The newly
constructed device from (A) is plasma bonded in the same way to a cleaned #1.5 glass
coverslip, with the finished product ready for the binding of N2A cells (C). EGF
receptors tagged with green fluorescent protein (GFP) are transfected into N2A cells and
then plated to the surface of the Si3N4 membrane. (D) 488 nm laser excitation is used to
excite GFP and locate the ZMWs where EGF receptors are present. (E) A syringe pump
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is used to wash in 20 nM EGF-Alexa647 (A647) through one of the two black inlet holes
on the PDMS device (visible in A-C). 640 nm laser excitation is used to excite the
binding events as they happen (200 ms/frame).
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4.2) EXPERIMENTAL SECTION
4.2.a) Fabrication of 200nm ZMWs in silicon nitride membranes. All SixNy

membrane fabrication processes were conducted at the Center for Nanophase Materials
Sciences (CNMS) at Oak Ridge National Laboratory. Substrates used for this project are
extremely delicate and call for highly sensitive fabrication processes. The fabrication
process is performed by using E-beam lithography (EBL) to pattern the ZMW features
onto one side of a silicon wafer, while photolithography is used to pattern larger
(microscale) features onto the opposing side. A combination of reactive ion etching (RIE)
and wet chemical etching is used to preferentially dissolve silicon from the interior
portion of the wafer. Prior to beginning the fabrication procedure, low stress silicon rich
SixNy (120 nm thickness) is adhered onto both sides of 300 µm thick 4-inch double
polished silicon wafers using an annealing furnace provided by the Center for Nanophase
Materials Sciences at Oak Ridge National Laboratory. Once the SixNy has been deposited
onto the silicon wafers, they are cleaned with 30% ammonium hydroxide, 30% hydrogen
peroxide, and deionized water with a 1:1:5 ratio at 75˚C for a period of ten minutes. At
the end of the ten-minute cleaning period the wafers are rinsed thoroughly with deionized
water and dried with N2 gas (Fig. S4.2B).
Beginning with the ZMW feature patterning, the ZEP-520A is spun-coated onto
individual wafers at a rate of 2000 rpm for 45 seconds followed by a pre-exposure bake
180˚C for 2 minutes (Fig. S4.2C). Next, the wafers are loaded into a JEOL JBX-9300FS
E-beam lithography system where the ZMW array is patterned using a dose of 400
µC/cm2 (Fig. S4.2D). After patterning with EBL the resist is developed for 30 seconds in
a xylenes solution, rinsed with isopropanol (IPA), and dried with N2 gas (Fig. S4.2E).
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The wafers are next loaded into an Oxford RIE Plasma Etching System where they
undergo a 6 second oxygen plasma descum, followed by a 105 second
octofluorocyclobutane plasma etch to specifically etch down through the patterned SixNy
layer (Fig. S4.2F). Upon removal from the RIE each wafer is soaked in acetone for 60
minutes to remove the remaining polymer resist, and then cleaned with an oxygen plasma
for 5 minutes in the RIE to remove any organic residue (Fig. S4.2H). The product of
these steps is an 11 X 11 array of much smaller arrays with 200nm holes written through
the silicon nitride layer of the wafer.
With ZMW arrays patterned into the top side of the SixNy coated wafers, the
bottom can be patterned using photolithography and etched in order to complete the
nanoporous membranes (Fig. S4.3A). Prior to patterning, the adhesion promoting
solution P20 was added to the SixNy surface for ten seconds and then spun at 3000 rpm
for a period of 60 seconds. This solution helps to disperse hydrophobic solutions which
helps to achieve more uniform coverage when spin-coating organic polymer resists.
Immediately after spin-coating P20 the positive photoresist S1818 is spun onto the wafer
at 3000 rpm for 60 seconds, and then pre-exposure baked at 115˚C for 1 minute (Fig.
S4.3B). A photomask that directs UV light for patterning in specific areas is aligned with
crosshairs patterned onto the wafer during EBL exposure, and the wafer is exposed to
five seconds of UV light using a Quintel mask and contact aligner (Fig. S4.3C). Once the
exposure has completed (Fig. S4.3D) the wafer is removed and the soluble areas are
developed away with the CD-26 solution for 1 minute and 50 seconds, followed by
rinsing with deionized H2O and blown dry with N2 gas (Fig. S4.3E). The wafers are
placed back into an RIE and subjected to an oxygen plasma descum for 1 min, followed
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by a 2-minute low pressure exposure to octafluorocyclobutane plasma to etch through the
silicon nitride pattern (Fig. S4.3F), and finally a 5 minute clean with oxygen plasma to
remove the remaining S1818 polymer resist (Fig. S4.3G); the product appears as an array
of picture frames patterned into the SixNy.
The final step in the process is to chemically etch the 300 µm thick silicon from
one side of the wafer to another, which creates an opening from the top side of the
membrane to the bottom (Fig. S4.3H). The wafers are submerged in a 30% potassium
hydroxide (KOH) bath at 80 ˚C for a period of 3 hours212; at 80 ˚C, HOH is known to
monodirectionally etch silicon. An apparatus is used to isolate only the side of the wafer
where photolithography has been performed and the KOH only etches through the areas
with exposed silicon, leaving the silicon nitride unharmed. The process is confirmed from
the rapid bubbling of KOH reacting with the silicon, and once the bubbling has ceased
the process is complete (~3 hours). The wafers are allowed to cool to room temperature,
and are then carefully removed and rinsed gently with DI H2O and isopropanol. Once
dry, the wafers are placed in an E-beam evaporator (ZMW pattern exposed) where 5 nm
of chromium and 100 nm of gold are deposited onto the surface (Fig. S4.4A). With the
deposition process completed the perforated edges can be separated from one another and
the individual membranes are ready for use in our custom-made microfluidic devices
(Fig. S4.4B & C).
4.2.b) Transfecting and plating cells to silicon nitride membranes.

Neuroblastoma is one of the most common forms of cancer found in children, typically
found in the adrenal glands of the kidneys213. We chose to use one of the earliest stages of
cell growth called neuroblastoma 2A (N2A) to demonstrate our new imaging technique.
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These cells are transfected with EGFR labeled with green fluorescent protein (GFP), and
the entire preparatory process from start to finish takes 3 days.
Day #1: A small volume of cells are placed under an optical microscope to check their
health before moving forward. Next, the cell concentration is diluted to a population of 3
million cells in a T-75 flask; if the population is too high the cells can become overly
crowded and will start to die. N2A specific media (12 mL) is added to the flask which is
then placed in an incubator for 24 hours so that the cells can sit down on the flask
surface.
Day#2: A Nanodrop (ThermoFisher) is used to measure the concentration of an EGFR
plasmid that is tagged with GFP. Two 1.5 mL microtubes (each containing 250 µL
Optimem, Life Technologies) are used to separately dilute 14 µL of Lipofectamine 5K in
one tube and 3500 ng of EGFR-GFP in another. During a 5-minute wait period the health
of the N2A cells in the t-75 flask are examined on an optical microscope. The N2A media
and any dead cells (floating in solution) are removed from the flask, which is rinsed with
5 mL of Optimem. The 5 mL of Optimem is removed from the flask, 10 mL of fresh
Optimem is added, and the flask is returned to the incubator. When the five minute
microtube wait period has completed, the two tubes are mixed together for an additional
25 minutes. At the end of the 25-minute wait period the solution in the microtube is
added to the T-75 flask and placed back in the incubator for a period of 24 hours.
Day#3: The T-75 flask is retrieved from the incubator and a pipet is used to remove the
Optimem from the flask, and 5mL of PBS 1X (Amresco) is immediately added to the
flask to rinse away any dead cells or Optimem that remains. The PBS 1X is removed with
suction, and 5mL of versene (Life Technologies) is added to the flask for 5 minutes to lift
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the cells from the surface of the flask and put them into solution. The cell solution is then
added to a conical tube and centrifuged at 1000rpm for 5 minutes to pellet the cells. The
versene solution is removed from the conical tube and 2mL of fresh N2A media is added
to the pellet. The cell concentration is measured using a cytometer on top of an optical
microscope, and then a concentration of 100 cells/µL are added to the membrane surface
of the microfluidic devices. The devices are placed in the incubator where the cells are
given a period of 30 minutes to settle onto the membranes, at which time 400 µL of N2A
media is added to the surface and the devices are returned to the incubator until imaging
the following day.
Transfected N2A cells were added to the devices were imaged with an Olympus
60X water objective and wide-field epifluorescence laser excitation. Before moving
forward with the microfluidic delivery portion of the experiment, 488 nm laser excitation
was used to ensure that there were plenty of EGFR-GFP laden cells sitting down in the
ZMWs. Next, the fluorescence background was checked at 561 nm illumination to ensure
that there is nothing present to compete with the ligand EGF-Tetramethylrhodamine
(TMR). Bovine serum albumin (BSA), which is known to adsorb onto surfaces and
prevent nonspecific binding147, was diluted to 0.1% in PBS 1X and flushed through the
microfluidic channels for ten minutes using a syringe pump. Next, 10 nM EGF-TMR (in
0.01% BSA) was flushed through the microfluidic channels for a period of 4 minutes.
BSA rinsate (0.1% in PBS 1X) was washed through the channels once more to remove
any unbound EGF-TMR conjugates. Images of the devices (200 ms frames) were
captured on an inverted microscope to show the clear presence of EGFR-GFP with 488
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nm excitation, and the specific binding of the ligand EGF-TMR in the exact same places
using 561 nm excitation.
4.2.c) Single ligand binding. Gold coated SixNy membrane ZMWs (~230 nm

diameter) are plasma bonded to the underside of our microfluidic delivery system, which
is then plasma bonded to a clean 22 X 22 mm #1.5 glass coverslip; the gold coated
surface is facing down towards the glass coverslip and the SixNy side is facing up. The
distance between the gold coated surface and the top of the glass coverslip is <100 µm,
making it possible for the use of high numerical aperture (NA) objectives. These
mfZMWs are plated with EGFR-GFP expressing N2A cells on the SixNy surface, where
imaging is performed on an inverted microscope (Olympus IX 81) using a 1.49 NA 100X
oil immersion objective (Olympus).
The membrane is brought into focus using bright-field illumination, and due to
the semi transparency of 100 nm thick gold ~ mid visible-near UV the N2A cells can
actually be located fairly easily during this step. An Andor Ixon I3 electron multiplying
charge coupled device (EMCCD) camera is used to collect all data during these steps.
The membrane is manually scanned using a motorized Pryor stage to check each cell with
488 nm excitation (Cobalt MLD) to excite the GFP on the PM surface and determine if
the receptors are sitting in the wells. Once a cell is located the Cole Parmer syringe pump
is attached to the microfluidic channel inlet (Fig. 4.1C), and a buffer solution containing
0.1% BSA in PBS 1X is delivered through the channel for a period of 10 minutes with a
flow rate of 20 µL/min. The cell’s position is noted on the camera by capturing a 200 ms
snapshot with 488 nm excitation, and a second snapshot (200 ms) is captured using 640
nm excitation (Cobalt MLD) to ensure low fluorescence background.
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A new solution containing 20 nM EGF-Alexa647 (A647) in 0.1% BSA PBS 1X is
delivered to the mfZMWs at a flow rate of 10 µL/min while monitoring the mfZMW
surface in real-time with 640 nm excitation. As soon as fluorophores begin passing into
the field of view the flow rate is reduced to 1 µL/min for the data collection process. Data
is collected by using an electronic shuttering system to accurately control the timing of
exposures to the 640 nm laser. Continuous movies are collected without pause in between
frames, as well as, time lapse interval movies with pauses between frames that include 1,
2, 5, 10, 25, 40, and 100 second intervals.
4.2.d) Data analysis. All snapshots, continuous movies, and time lapse interval

movies were cropped in ImageJ (NIH) and analyzed using OriginPro. Regions of interest
(ROIs) for single ligand binding events were selected by using the Time Series Analyzer
3.0 plugin with a square shape and 4 X 4 pixel size. These ROIs were overlaid with 488
nm excitation snapshots of a cell to ensure that an event was happening within a well on
the PM. The ROIs were then measured for their longevity (fluorophore survival time) and
brightness (fluorescence intensity), which is the average fluorescence intensity minus the
fluorescence background after photobleaching. Any fluorophores that were present
during the first frame of the time lapse interval measurements were not included in the
final data; cannot guarantee how long the fluorophore was present before the movie
began. Due to the nature of the time lapse interval measurements, all apparent binding
times can be up to n - 0.2 seconds longer than the reported time, where n is the interval
spacing between frames.

132

4.3) RESULTS AND DISCUSSION
4.3.a) Fabrication and characterization of mf-ZMWs. We compared devices

fabricated from commercially available porous SixNy substrates to substrates we
fabricated from SixNy supported on a silicon wafer substrate. Commercially available
substrates (Norcada Inc.) have predrilled micron size holes in the membrane but are not
available in small enough diameters to construct ZMWs. However, the larger size
apertures served to optimize the integration with microfluidics and to verify ligand
delivery. These membranes were coated with a 10 nm layer of chromium and then a 90
nm layer of gold on one side of the membrane. The opposite face of the membrane was
bonded to a microfluidic device composed of polydimethylsiloxane (PDMS). To test the
viability of the device mouse neuroblastoma (N2a) cells expressing epidermal growth
factor receptor (EGFR) fused to GFP were cultured directly on the unmodified gold
surface of the substrate. Imaging the GFP through the transparent microfluidic showed
the cell plasma membrane had extended into the wells (Fig. 2A). We then delivered
epidermal growth factor conjugated to a fluorescent label (TMR) through the
microfluidic device. While the cells showed little to no background fluorescence at 561
nm excitation prior to delivering EGF-TMR (ThermoFisher), the preferential binding of
ligands to EGFR-GFP was very apparent post-delivery (Fig. 2B). These initial results
verified that the microfluidic could be fabricated thin enough (<140 μM) to be
compatible with high NA objectives. It also verifies that preferential delivery of a ligand
to a cell surface receptor could be achieved with little to no non-specific interaction of the
ligand with the substrate.
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Figure 4.2 (A) shows the initial identification of GFP labeled EGF receptors using 488
nm laser excitation. EGF-tetramethylrhodamine (TMR) is delivered for five minutes and
then rinsed for 10 minutes with phosphate buffer solution, whereupon 561 nm laser
excitation is used to reveal preferential binding of EGF-TMR to the receptors (B).
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Devices with ZMW sized apertures were generated using SixNy membranes
fabricated at the Center for Nanophase Materials Sciences (CNMS) at Oak Ridge
National Laboratory. The devices were fabricated from a 300 µm thick 4-inch double
polished silicon wafer coated on both sides with 120 nm thick SixNy. We used E-beam
lithography (EBL) to pattern the ZMW features onto one side of a silicon wafer, while
photolithography was used to pattern larger (microscale) features onto the opposing side.
Reactive ion etching (RIE) was used to etch through the SixNy on both sides of the wafer
and wet chemical etching was used to preferentially dissolve silicon from the interior
portion of the microscale feature side of the wafer. The resulting SixNy membrane on the
silicon frame was then coated with 5 nm of chrome and 100 nm of gold. A PDMS
microfluidic mold was fabricated to seat the apertures at the top of the chamber where
delivery will occur, and sealed on the bottom side with a 170 μm thick glass coverslip.
The SixNy layer was oriented toward the top where the silicon frame bonded to the PDMS
in a recess that allowed for precise positioning of the ZMW array. Solution flows along
the channel formed between the PDMS mold and glass coverslip until reaching the
chamber where the gold coated surface of the membrane is pointed down towards the
microfluidic channel. The apertures of the ZMWs using this fabrication method ranged
between 210 to 230 nm as shown in the SEM image in figure S4.4D. The resulting mfZMW was then used for cell culture and single molecule imaging of receptors in the
plasma membrane constrained within the apertures.
4.3.b) Single ligand binding. We cultured N2a cells expressing EGFR-GFP

directly onto the mf-ZMW with a PDMS reservoir created on the SixNy side of the
membrane. We were able to monitor the cells using brightfield illumination (Fig. 4.3A)
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and via GFP fluorescence with 488 nm excitation (Fig. 4.3B). Both of these techniques
were used to locate cells for single molecule imaging studies. Using wide field
illumination, we then monitored emission with an electron multiplying charge-coupled
device (EMCCD) to determine which of the wells under the cell foot print contained
plasma membrane protrusions that also contained labeled receptors. Typically, ~20% of
the apertures exhibited GFP fluorescence indicating plasma membrane containing EGFR.
Once the apertures containing EGFR were identified we then delivered 20 nM EGF
labeled with alexa 647 at a constant flow rate through the microfluidic. While imaging
through the microfluidic during ligand delivery, diffuse fluorescence was observed and
corresponded to EGF-Alexa647 in solution. Once this fluorescence was observed, we
initiated data collection capturing images at a rate of 5 frames per second. Binding events
were observed where EGF molecules became immobilized in the location of EGFR
containing apertures.
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Figure 4.3 This figure illustrates a side-by-side comparison between the same EGFRGFP transfected neuroblastoma 2A (N2A) cell under white light illumination (A) and
with 488 nm laser excitation to measure GFP emission (B).
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In order to determine the effect of the mf-ZMW on fluorophore photostability and
brightness, we compared fluorescence intensities and survival times of fluorophores on
glass substrates and in the device. As shown in figure 4.4A & C, a single EGF molecule
is readily visible when it binds to an EGFR isolated in an aperture. Binding events occur
and are recorded when a ligand appears the imaging plane where it stays immobilized for
a period of time. A representative time trace of a single ligand is shown in figure 4.4C.
The time traces show that while the ligand is visible the fluorescence intensity is higher
for a period of time until the molecule photobleaches or the ligand unbinds. This is also
clearly visible in figure 4.4C, where the ligand is not present in the first frame just before
binding. It is then visible for the next 5 frames, and disappears for the final 2 frames after
the molecule photobleaches. A schematic illustrating the delivery and binding of single
ligands with a single receptor are shown in figure 4.4D demonstrates how we can use this
device to monitor ligand-receptor turnover.
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Figure 4.4 (A) Shows a still frame image of a single ligand binding to EGFR-GFP in
real-time. A time trace for the binding event observed in (A) that clearly shows the
emitter photobleaching after 1 second (B). (C) A frame by frame illustration of the same
binding event from (A) and (B) that clearly shows no emission prior to binding or after
the molecule photobleaches 1.0 seconds later. (D) is a simple cartoon to help visualize
what is happening in A-C: The EGFR-GFP receptor (Green) is sitting on the plasma
membrane lipid bilayer within the gold ZMW and the EGF-A647 ligands (Red) are
washed in through the microfluidic channel to undergo binding.
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4.3.c) The effect of mf-ZMWs on single molecule emission. Two of the primary

challenges in single molecule imaging is fluorophore brightness and photostability.
Plasmonic structures including gold ZMWs have been shown to enhance the fluorescence
signal of single molecule fluorophores86-88, 92, 97. To determine the inherent photostability
and brightness of the EGF conjugated fluorophore we isolated single EGF-A647 ligands
on the surface of a glass substrate and compared them to identical molecules isolate in
mf-ZMWs. Fluorophores were then excited with an identical 640 nm excitation intensity
for glass substrates and mf-ZMWs. With EMCCD detection molecules on a glass
substrate exhibited a fluorescence intensity (IFl) of 362 counts/200 ms (Fig. 4.5A), while
molecules in the mf-ZMW showed an IFl of 1,215 counts/200 ms (Fig. 4.5B). These
studies indicate that similar to standard ZMWs, mf-ZMWs enhance the fluorescence
signal of nearby fluorophores. Since, the photostability of molecules will directly impact
the duration that ligands can be monitored after delivery to the cell, we compared the
photostability of EGF-A647 on glass substrates to those in the mf-ZMWs. Molecules on a
glass substrate had a survival time of 2.3 seconds (Fig. 4.5D) and those in mf-ZMWs had
a survival time of 1.3 seconds. The increase in fluorescence intensity and decrease in
photostability are similar to what has been observed for molecules isolated in standard
gold ZMWs92. Representative time traces of molecules on glass versus in a mf-ZMW are
shown in figure 4.5C. The emission intensity and photostability of individual molecules
were used to calculate the average number of detected photons for single EGF-A647
ligands. Those in mf-ZMWs yielded 8,580 ± 464 counts versus an average of only 3,691
± 163 counts when isolated on the glass surface (Fig. 4.5F). This shows a greater than 2fold increase in the number of detected photons for the ligand bound to EGFR, which is
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visibly apparent based on the representative time traces (Fig. 4.5C). The most probable
cause for this uptick in detected photons per single molecule is due to a combination of
excitation side and emission side plasmon enhancement which can arise from the
interaction of light with metal nanostructures. Gold ZMWs in particular have recently
been observed to contribute to a similar 2-fold fluorescence enhancement of fluorophores
which excite at 640 nm excitation92.
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histogram for EGF-A647 isolated on a glass surface reveals an average of 362 ± 200 cnts/
200 ms (A), while the average in the microfluidic device had an average of 1,215 ± 760
cnts/ 200 ms (B). The average survival time (τST) for a single EGF-A647 molecule on a
glass surface is ~ 2.3 seconds (D), and the survival time for the same molecules in the
microfluidic device are ~ 1.3 seconds (E). Representative time traces that illustrate a raw
data comparison between EGF-A647 bound to glass (Black) versus EGF-A647 bound to
EGFR-GFP in gold ZMWs (Blue) (C). This data reveals that the average number of
detected photons (5*IFL*τST) for each single molecules in the microfluidic device are ~ 2fold higher than when isolated on a glass surface (D).
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4.3.d) Time lapse single molecule imaging to determine ligand turnover.

Fluorophore survival times are directly related to the duration that we can monitor ligandreceptor interactions. Continuous imaging leads to the detection of ligands for
approximates 4 to 6 frames before photobleaching which is likely on a shorter time scale
than actual turnover events. While there is value in being able to monitor single ligand
binding events, it would be more powerful to image the lifecycle of ligand and receptor
interactions from the time of initial ligand-receptor binding to unbinding. Reducing the
excitation power can prolong fluorophore survival times, but single molecule imaging
requires an intensity threshold to distinguish fluorophore signal from background.
Strategies to eliminate oxygen, such as the use of oxygen scavenging systems in sealed
environments214-215, can alter the physiological environment and are often not compatible
with live cell studies. Additionally, the design of our mf-ZMW substrate made it
impossible to completely isolate it from the environment as would be necessary for
oxygen scavenging systems. In order to increase the longevity of our observation
window, we utilized time lapse interval based single molecule detection. This allowed us
to extend the amount of time that a ligand is visible once bound to the receptor which in
the case of EGF-Alexa647 was 4 to 6 200 ms frames on average.
The time lapse allows us to spread the 4 to 6 frames of exposure over a longer
time period based on the interval between exposures. A typical scheme for time lapse
single molecule imaging is shown in figure 4.6A. For example, a time lapse with the laser
shuttered for 5 seconds before the next frame is exposed extends the experimental
window for ligand observation to 21 seconds. We performed time lapse experiments at
increasing intervals until the average observed time of the bound ligand which is
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indicated by the number of frames showing the ligand visible decreased below the
number of frames needed to photobleach the molecule.
Time lapse interval measurements on the binding of EGF-EGFR were performed
by using the exact same experimental conditions as with the continuous movies, but with
1, 2, 5, 10, 25, 40, and 100 second shuttered intervals in between frames. The longer the
time interval, the longer the A647 fluorophore on EGF can be monitored for continued
binding to EGFR. The frames for single EGF-EGFR binding events were counted for
several fluorophores in each interval group. As can be seen in the bar graph of figure
4.6B, there is an average of 3-5 frames per EGF-EGFR binding events for all time lapse
interval measurement durations up through 25 seconds. Beyond 25 second intervals (40
and 100 seconds) there is a stark drop off in the number of frames that a single ligand is
visible on the mf-ZMW surface. As the standard for photobleaching is 4 to 6 frames on
average, a decrease in frames observed below this threshold is attributed to the ligand
unbinding from the receptor and diffusing away prior to being photobleached. On
average, the ligand was visibly bound to the receptor for 2 frames at 40 second intervals
and 1 frame with 100 second intervals.
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Figure 4.6 (A) A comparison between continuous frame measurements and time lapse
interval measurements. In each case there are four 200 ms frames captured (BLUE), but
the continuous frame measurement only lasts 0.8 seconds while the 1 second example
time lapse interval lasts a total of 3.8 seconds. (B) shows a bar graph comparison for the
average number of frames a fluorophore is visible during interval studies. With 1 second
between frames up through 25 seconds between frames there is no significant difference
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between the groups; on average each of the four shortest time lapse studies range between
3-5 seconds, indicating that they are most probably photobleaching. Time lapse intervals
ranging from 40-100 seconds show a quick drop below two frames on average, which
indicates a higher likelihood that the ligands are leaving or undergoing endocytosis (i.e.
turnover). (C) takes the same set of data and plots the apparent turnover time, or time
total time that the ligand is visible based on the interval period in between each frame that
is captured. The longer time lapse intervals show a clear plateau ~100 seconds which is
emphasized by the blue logistic plot drawn through the data points.
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We also plotted the time lapse interval versus the apparent turnover time at each
interval. The apparent turnover time was defined as the number of frames multiplied by
the frame interval. For example, with a 1 second interval the average number of frames
(200 ms exposure) was ~4 frames and the apparent turnover time was measured as 3.8
seconds (Fig. 4.6A). A clear plateau was observed in the apparent turnover time as the
time lapse interval increases (Fig. 4.6C). When time intervals are not long enough to
extend the observation window beyond the turnover time, the apparent turnover time
increases sharply between consecutive intervals as seen in intervals of 1 to 25 seconds
(Fig. 4.6C). This plateau observed at the 40 second interval indicates that departure
occurs prior to reaching the 4-6 frame photobleaching regime. We attribute this to single
EGF turnover when bound to EGFR. While the observed plateau at 40 to 100 seconds is
similar to the turnover rate in studies that used isolated EGF and EGFR on a glass
substrate216, these studies

4.4) CONCLUSIONS
We have developed a hybrid system composed of arrays of nanoapertures on a
SixNy membrane integrated with a microfluidic delivery system. These devices offer
many of the same benefits as standard ZMWs such as fluorescence enhancement and
single molecule isolation. However, they also offer the additional advantage of being
compatible with cell culture by allowing the isolation of nanodomains derived from the
plasma membrane, which can then be accessed using the microfluidic device. The spatial
isolation of these small domains provides a way to monitor single proteins on the surface
of a live cell. Using EGFR and EGF we have shown that mf-ZMWs can be used to
monitor single ligand-receptor interactions. This method should be a powerful tool
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capable of monitoring interactions between ligands and virtually any receptor including
functional measurements of single channels on a cell surface.
4.5) SUPPORTING INFORMATION
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Figure S4.2 (A) The process begins with a clean double polished 300 µm silicon wafer
and (B) the annealing of a 120 nm thick SixNy layer onto both sides of the wafer using a
furnace. (C) The high resolution positive E-beam resist ZEP-520A is spin-coated onto
one side (FRONT) of the silicon wafer and baked prior to patterning with EBL. (D)
Alignment marks (crosshairs) and arrays of 230 nm ZMW features are patterned into the
resist (red). (E) The features are developed using a combination of xylenes solution and
rinsate, which removes the patterned areas from the resist film (white). (F) The wafer is
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plasma etched using reactive ion etching (RIE) with a gas recipe called ‘Bosch Etch’; the
bare SixNy that became exposed in step (E) is targeted (bright pink) in this step to etch
down into the silicon wafer (G). Acetone liftoff and an O2 clean protocol in an RIE
remove the remaining ZEP-520A, leaving the silicon wafer with two SixNy layers but
with features written into the silicon layer on the front side (H). (I) A zoomed in version
of the arrays patterned into the SixNy using EBL; actual ZMW array are 25 X 25.
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the crosshairs with the alignment marks on the opposite side of the wafer. (C) UV light is
used to pattern picture frame features with interior squares into the resist, leaving behind
highly soluble areas (red). (E) The wafer is post baked and the soluble areas are removed
(white) using CD-26 developer and rinsate. (F) The wafer is placed into a reactive ion
etcher (RIE) and the exposed SixNy areas from resist development in (E) are etched with
a gas recipe called ‘Bosch Etch’ which is specific to SixNy. (G) The product is the silicon
wafer and 120 nm thick SixNy layer with picture frame features patterned into the silicon
layer. (H) The wafer is wet chemical etched using potassium hydroxide to
monodirectionally target exposed silicon. The etching occurs from the back side of the
wafer until it reaches the prepatterned features on the front side of the wafer using Ebeam lithography. This has created a ZMW SixNy membrane with an opening from the
200 nm diameter apertures down through the opposing side of the membrane structure;
actual ZMW SixNy membrane fabrication with create 11 X 11 membranes on one wafer.
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Figure S4.4 (A). Once the silicon wafer is coated with 5 nm chromium and 100 nm of
gold, the individual silicon nitride membranes are separated from one another by
applying pressure to their perforated edges (B). An actual post-fabrication image of
several of the real SixNy membranes can be seen in C. An SEM image of the membrane
apertures show an average ZMW diameter of ~230 nm (D).
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[5] Final Conclusions

The use of ZMWs to develop new biological imaging techniques has been the
main focus of my dissertation. These structures have shown promise for localized surface
plasmon resonance (LSPR)-based fluorescence enhancement in various characterization
studies, and also contribute a great deal to single molecule imaging with their capability
for spatial isolation. They have been used in the field of DNA sequencing, for proteinprotein interactions, and also to study the plasma membrane of living cells. There are two
problems; however, which inhibit the widespread application of ZMWs in biological
imaging. There has been insufficient characterization of the effect of LSPR on single
molecule studies and limited attempts to expand beyond the traditional ZMW framework
to image a larger variety of biological interactions. This dissertation presents detailed
single molecule characterization of several varieties of ZMWs providing the framework
for new biological applications that utilize conditions that maximize the fluorescence
emission. Additional work has focused on the development of novel ZMW devices that
will further broaden applications in biological imaging.
The second chapter looked at the specific effects of ZMWs on single emitters in
the red and green regions of the visible spectrum, and gauged the role that metal
composition plays by performing a side-by-side comparison between 200 nm aluminum
and gold ZMWs. By using confocal fluorescence microscopy to probe the photophysical
properties of isolated single molecules, I was able to provide more detail regarding the
regional dependence of the ZMW in the X-Y directions than with previous in-solution
based characterizations with fluorescence correlation spectroscopy. We observed in the
compositional comparison that 200 nm gold ZMWs are much better suited for studies
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with red to NIR emitting fluorophores (2-fold enhancement), while 200 nm aluminum
ZMWs are the much better choice for yellow to orange emitting fluorophores (3.5-fold
enhancement).
Dissimilarities between linker chemistry heights in our studies of 200 nm
aluminum ZMWs and other previous studies92-93, 189, along with enhancement claims
regarding over-etched ZMWs121, compelled us to characterize differences in fluorescence
enhancement between ZMWs and over-etched ZMWs. We found that probes which emit
in the yellow to orange region experience a larger fluorescence emission in 80 nm overetch gold ZMWs (200 nm diameter), and that in general, the emission enhancement
caused by gold ZMWs in this region is largely directional. We also found that the
fluorescence enhancement provided by gold ZMWs in the red to NIR region is
maximized in the traditional ZMW, and that the enhancement is reduced in the overetched ZMWs. There were also enhancement ‘dead spots’ in this study where we
observed the quenching of emission in populations that emit in the yellow to orange and
red to NIR for etch depths of 40 nm and 80 nm, respectively. These studies indicate that
maximal enhancement is dependent on both x-y positioning within the ZMW and zdisplacement from the metal-glass interface. This should provide a template for
optimizing ZMW parameters for specific experimental conditions including fluorophore
emission and excitation maxima.
In the final chapter of this dissertation I developed a novel microfluidic-ZMW
device that addressed the primary constraints of traditional ZMWs, which prevented
access from both sides of the aperture blocking analyte delivery from the bottom side of
the structure. Here we successfully monitored the delivery of single ligands (in real-time)
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to receptors on the plasma membrane of living cells. I used a time-lapse imaging
technique with the same substrates to image single ligand turnover times for EGF-EGFR
that are in close agreement with previously reported bulk studies216. This report should
open doors to ZMW applications in a variety of new areas such as monitoring single
ligand turnover times, fluctuations in the selective binding of ligands to receptors
composed of multiple stoichiometries, imaging flux across single ion-gated channels, and
simultaneous fluorescence microscopy/electrophysiology studies.
Single-molecule techniques offer the ability to extract information regarding
biological interactions that is normally obscured by ensemble measurements, and ZMWs
are tailor-made to solve the inherent issues with biological studies at the single molecule
level. The limitations which constrain ZMWs in fluorescence-based biological imaging
are mostly due to a lack of practical information during project development, and the
sometimes expensive and complex nanofabrication needed to develop new devices.
Mapping the properties of ZMWs across different wavelengths and metal compositions
provides a guide to the selection of specific ZMW properties for a particular single
molecule application. There are several remaining studies needed to fully optimize
ZMWs, such as manipulating the tunability of the LSPR, modifying the aperture shape to
suit more specific biological needs, or hybridizing a ZMW’s surroundings. This work
sought to add to the pool of practical knowledge regarding ZMWs to enable additional
applications and project development. The primary limitation of the development of new
devices tailored to specific applications is the potential lack of access to facilities to
fabricate ZMWs. Powerful techniques are developed by solving large problems
composed of several small questions. ZMWs have the potential to change the way that
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we look at biological interactions, and there are plenty of small questions just waiting to
be answered. If we ask more of those questions, seek the answers and work through
obstacles rather than side-stepping them, ZMWs will have a major impact on chemistry,
biology, and pharmacy for years to come.
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